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Abstract
The diversity of microbes and the environments they inhabit are staggering. In many of these
environments, bacteria have evolved to form sessile surface attached communities called
biofilms. These biofilms have wide reaching impacts from importance in global carbon cycling,
to persistent catheter infections, to biofouling and wastewater treatment. While many species of
microbes form biofilms to survive in their environment, the architectures of these structures vary
widely between organisms. Even though a great deal of work has been done to understand
bacterial communities and their functions, little work has examined how the spatial aspects of
biofilm architecture can affect the ecology of a species. Vibrio cholerae is a marine bacterium
that has been at the forefront of understanding biofilm architecture at the single cell level. Here,
we use confocal microscopy and microfluidics to understand the impacts that biofilm architecture
have on V. cholerae’s ability to exist in a wealth of environments. We examine its capacity for
intra-strain competition, predation protection, and multispecies community assembly through the
lens of biofilm architecture. This thesis establishes how the architecture of a biofilm is a critical
component when understanding the ecology of a microbe and should be considered along with
more conventional traits.
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Chapter 1
Why build a biofilm? The relationship between biofilm
morphology and microbial fitness
Benjamin R. Wucher1, Carey D. Nadell1*

1

Department of Biological Sciences, Dartmouth College, Hanover, NH 03755, USA
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1.1 Introduction
Across the planet exist landscapes with vastly different conditions and requirements for life1.
From frozen polar ice caps to deep sea hydrothermal vents, organisms appear to exist everywhere
imaginable2. Through mutation, gene flow, and non-random mating, life has achieved a massive
amount of diversity to tackle even the most extreme habitats3,4. The best example of the diversity
of adaptation can be found in the microbial world. For a majority of these extreme environments,
microbes are the only organisms that manage to exist there2,5. Beyond surviving within these
environments, microbes have also diversified their roles within the communities in which they
exist.6–10. A brief look at a redox tower can identify chemical reactions that only a handful of
microbes have been shown to execute, eking out a living on the smallest of gradients11,12. In the
soil, nitrogen fixing bacteria form a symbiotic relationship with their plant hosts13. Out in the
marine water column, bacteria with specific chitinases are critical for the cycling of carbon,
degrading falling marine snow and returning it to the upper oceans14–17. In host environments,
bacteria have evolved to be both helpful and harmful18. Virulence factors like type three secretion
systems and phospholipases unique to certain species help them colonize the host19–21.
Meanwhile, cross feeding involving short chain fatty acids, in certain Bacteroides species is
beneficial to gut community stability22,23. All these environments have bacteria that have evolved
traits specific to them. For example, the bacteria that exist in extreme high heat conditions have
protein adaptations that allow them to thrive at high temperatures. However, across environments,
bacteria also maintain many physiological phenotypes that are critical for general survival.
Motility, surface adherence, chemotaxis are just a few microbial behaviors that are ubiquitous
through every habitat.
In all of the examples listed above, attachment to a surface, whether it’s a plants’ roots, a
chitin particle or a host intestine, is a common place ability24,25. These surface attached
communities encased in a matrix that they produce are called biofilms24,25. Moreover, biofilms are
a critical lifestyle for bacteria as they are involved in biogeochemical cycling, bacterial
competition, and human infections. Beyond just these examples, biofilms have been exhibited in
almost every environment imaginable from industrial pipe settings to dental plaques on human
teeth26–29. It is quite curious that bacteria have evolved biofilm formation in almost every habitat.
With the immense selective pressure that bacteria experience along with their ability to rapidly
alter their genome, the maintenance of biofilm formation suggests that it has a central importance
to bacterial life30,31. Although this may be the case, the morphology and composition of each
species’ biofilm varies widely32–34. These differences could be the result of specific environmental
2

parameters that lead to biofilm morphologies best adapted to different habitats. Below, we will
explore the general benefits that biofilms provide, how these biofilms are formed and controlled
differently across species, and how those morphologies have impacts on the ecology of the
microbes that form them. While by no means exhaustive, this passage aims to give an answer to
the question , “why build a biofilm?” and how the answer might vary across species and strains.
1.2 Biofilms provide innumerous benefits
Having surface-attached bacteria present in so many contexts suggests that the benefits of
biofilm formation are numerous and far reaching. There are many reasons to want to adhere to a
surface and grow as a clonal patch of cells, or in certain circumstances, as a collected group of
species. In this section we will discuss a few of the key reasons that biofilms have been shown to
be beneficial for the bacteria that make them (Figure 1).
Protection from exogenous threats
Probably the most obvious and well known of these features would be a biofilm’s ability
to protect the bacteria that reside within them from exogenous threats. Recalcitrant biofilms in
catheter lines and industrial pipes are several examples where this type of protection can be
useful29,35. But the benefits expand beyond that of human contexts to bacteria within their natural
communities, as any individual with the benefit of protection from predators and competitors will
fare better than those without36–38. Furthermore the stability of a community often relies on
biofilm formation that could be effected by predation susceptibility.
In hospital contexts, biofilms are notorious for their increased tolerance to antibiotics.
Which can happen via several different mechanisms depending on the species. For example,
Pseudomonas aeruginosa biofilms have been shown to block the diffusion of antimicrobials into
the center of the biofilm, increasing tolerance38. This mechanism works by a function of the
matrix components that P. aeruginosa secretes. Matrix components within the biofilm are
positively charged, which can repulse certain antibiotics like tobramycin. Another way that
biofilms can become tolerant to antibiotics is through metabolic heterogeneity. The interior of
biofilms are generally slower growing than the exterior39. As a result the common targets of
antibiotics (RNA polymerase, ribosomal subunits, cell wall synthesis) are less active in the
interior of the biofilm40,41. These metabolically derived tolerances can even increase resistance to
antibiotics as surviving tolerant cells will have a selective growth advantage during treatment.
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Although biofilms are generally tolerant to antibiotics, this is not always the case. For
example, Vibrio cholerae is sensitive to exposure from tetracycline42. Apart from killing the
biofilm, certain compounds can exhibit effects that change a biofilm’s response to other assaults.
The introduction of sub-inhibitory tetracycline to V. cholerae biofilms causes the cells within
them to swell. As a result of this cellular swelling, the biofilm expands in volume without
increasing in mass. This expansion creates a loss of protective capabilities to phage infection,
allowing entry of viral particles into the less dense biofilm structure.42
The previous section focused on threats that are diffusible in nature. These contrast
threats that exist on larger spatial scales: replicating, active predators that seek out biofilms as a
mechanism for replication. Much like in the macroscopic world, predators are numerous and
varied within the microbial environment43–45. Phages, parasitic bacteria, eukaryotic phagocytes,
and multicellular predators are all subsisting off the larger microbial community. However, for
each of these instances, biofilm formation has been shown to have protective mechanisms that
allow bacteria to grow despite these constant threats.
Phages are the smallest of these predators, and the protection that biofilms provide is
largely mechanical. As phages are approximately 24nm-200nm in size, they are controlled by
Brownian motion and fluid dynamics. Following dispersal, adhesion and successful infection are
reliant on receptor mediated interactions to a wide array of outer membrane moieties. Though
here too, there are differing mechanisms of phage protection depending on the species.
Escherichia coli biofilms have been shown to protect themselves from phages by secreting a top
layer of curli fimbrae. This matrix sits at the top of the biofilm and physically prevents phage
from entering the cellular biomass. If this curli layer is interrupted, then the biofilm becomes
susceptible to phage predation46. V. cholerae achieves phage protection via a different
mechanism: cell packing. When exposed to phages, V. cholerae biofilms prevent phages from
entering the interior. Their cells, coordinated by specific matrix proteins are packed so tightly as
to prevent the percolation of phage particles42. Heterogeneity in the biofilm landscape can also
offer protection to bacterial cells. Because biofilms are sessile and surface attached, they exhibit
spatial patterning that planktonic cells cannot. A biofilm of genetically resistant cells can protect
a susceptible population just by spatially occluding them, hiding them from the predator47.
While phages passively find their hosts, bacterial predators like the class of Bdellovibrio
and Like Organisms (BALOs) can actively seek out their prey49. Most of these predators are on
the same size scale as their prey (1-3μm), and generally one predator will prey on a single cell
and have a burst size of approximately 7 daughter cells. Here too biofilms have been shown to be
4

a beneficial strategy. In these collective populations, quorum sensing can be used to control
behaviors that benefit the group48. In this case, biofilms of Chromobacter can secrete cyanide to
actively deter bacterial predation49. Like so in the case of phages, biofilms prevent bacterial
predation by way of steric hindrance. In this instance, predation on V.cholerae is not complete
and parts of the biofilm will succumb to predation. Because predation protection is determined by
the packing density of the biofilm, only microcolonies that have matured to the necessary density
will survive. The implications of this partial protection will be discussed in chapters 3 and 450.
As we approach the millimeter scale, eukaryotic and multi-cellular predators represent a
large threat to bacterial biofilms, as they have been known to graze on them as a food source51.
For both of these predator classes, the collective capabilities of biofilms come to use once again.
The compound violacein can be secreted by the resident biofilms of macroalgae to prevent
grazing by nano flaggelletes52,53. Similarly, P. aeruginosa biofilms have been shown to kill C.
elegans by secreting cyanide54. Currently, there are not any known mechanisms by which
biofilms can offer physical protection against these predators, though studying the effects of
matrix secretion and biofilm morphology on macroscopic predation should be an area of future
work. Competition experiments could be done between strains of different matrix forming
capabilities to determine if certain components increase or hinder the rate of predation.
Furthermore the spatial ecology could be explored by investigating how proximity to preferred
prey could increase the susceptibility of other non-preferred species. These final two predator
classes might also be a weaker selective pressure for protective biofilms than the other two.
Because of their large size, examples exist of bacteria that have achieved intra-organismal
replication niches, where they can receive additional benefits from the host55,56. In these cases,
biofilm formation that prevents ingestion might decrease the fitness of the bacteria in certain
settings.
Like protection against flagelletes and protozoa, the biofilms formed by pathogenic
bacteria offer advantageous protection against patrolling immune cells. Neutrophils have been
shown to be ineffective at killing established infection biofilms57. One of the biofilm specific
reasons for the inefficiency is quite clever. Staphylococcus aureus biofilms have been shown to
secrete a compound that shifts neutrophils toward neutrophil extracellular trap (NET) formation.
These NETs in turn are nearly useless in killing the S. aureus biofilm as the antimicrobial
compounds of the NET fail to diffuse into the biofilm58. S. aureus can also exhibit a similar
behavior against macrophages, though work on the direct protective capabilities of matrix against
macrophage ingestion remains limited59.
5

Lastly, biofilms in many habitats face threats from their competitors. These threats tend
to fall into classification of antimicrobial compounds. Bacteriocins and tailocins are diffusible
products secreted by bacterial biofilms to kill off competing cells. Because these substances
diffuse, the mechanisms of protection for biofilms remain the same as stated above. One key
exception though is the use of the type VI secretion system. This apparatus is a large structure
that competing bacteria can use to inject toxin proteins into neighboring cells60,61. When type VI
active V. cholerae cells are grown in biofilms, there is activity on the periphery of competing
populations. However after initial interactions, the dead cells form a barrier around the biofilms,
preventing further population loss62. On top of this, biofilms innate prevention of invader entry
prevents the further occurrence of type VI injection within the population. Biofilms are useful in
protecting against the direct effects of competitors, but they are also useful in the indirect
competition of bacterial populations.
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Figure 1 Biofilms provide many benefits to microorganisms.
Cartoon rendering of a chitin particle (blue) with different cross sections representing the
different selective pressures a biofilm community faces in the environment. (A) Protist grazing
depicts a eukaryotic predator phagocytizing a large section of a biofilm. (B) Bacterial predation
shows a predator (dark blue) able to prey on one species’ biofilm (yellow) but not another (red).
(C) Dispersal shows both single cell dispersal as well as sloughing of large biofilm sections as a
result of flow (D) Colonization depicts competition for initial surface sequestration by two
species. (E) Multi-species competition shows the possibility for both community assembly and
invader exclusion in the chitin environment. (F) Public good sequestration shows the prevention
of diffusion of a public good (white circles) to non-producing members of the community (red).
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Sequestration of resources
In many bacterial communities, competition between individuals is often in direct
competition for resources which in turn prevents the others from succeeding63,64. Here too,
biofilms are a beneficial mode of growth for ensuring the success of clonal groups within a
population. The ability to occupy space lies at the center of this benefit. While certain aspects of
aggregation can be beneficial in the bulk liquid, the majority of them require the population be
anchored to the surface65,66. This essentially turns available surface into a limited resource in
which bacteria must compete to use61. There are many examples of species that have evolved
biofilms that prevent non-kin from gaining a hold of available surface67–69. V. cholerae is
probably the best studied in this area. Its biofilm architecture tightly binds to surfaces and
prevents entry by invaders69. Furthermore, some work has been done suggesting that certain
components of its matrix may preferentially bind like cells, increasing the effective population
size while deterring competition70.
Competition for surface also become particularly important when the substrate in
question is biotic as opposed to abiotic. Biotic surfaces can be utilized as a nutrient source, as is
the case for marine biofilms on chitinous marine snow. Surface associated resources also occur in
hosts as nutrients are secreted from intestinal epithelium71. Just as biofilms block the diffusion of
antimicrobial compounds, they also can limit the diffusion of these substrate-based nutrients from
competitors farther away. This property becomes particularly important when there is an
associated cost in extracting nutrients from the surface. For example, V. cholerae secretes
chitinases extracellularly in order to break down the chitin polymer into importable chitosan
oligomers72. Because this enzyme is secreted into the extracellular space, it becomes what is
known as a public good. A public good is considered a resource that is utilizable by members of
the population that are not actively involved in its production73. These goods are often exploitable
as individuals who did not incur the cost of production can easily access and reap the benefits74. It
has been shown that V. cholerae biofilms prevent the exploitation of chitinases by cheaters75. The
thick biofilms formed limit the diffusion of chitinases to areas not occupied by cooperators,
maximizing growth for individuals that produce the key enzyme. This example ties directly into
another major benefit of biofilm formation: the stabilization of cooperative behaviors.
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Maintenance of cooperation
Cooperation within groups can be defined as a costly behavior that benefits individuals
other than those paying the cost74. These behaviors are often emergent and require a group of
individuals to execute effectively. In these situations, the benefit to the group outweighs the cost
to the individual. However, without any mechanism to police cooperation, cheaters will
inherently arise within the system76. The classic example of this within the microbial world is the
loss of quorum sensing. A mutant deficient in autoinducer production would have no individual
cost while receiving the benefit of the group behavior77. This means that cooperative action is
inherently unstable, without a mechanism to assure cooperative maintenance, individuals will
always defect and begin cheating61,78.
One of the ways that has been shown to stabilize cooperative behavior is kin selection. If
the members of the group are related to one another, then the collective benefits will be more
favorable. Since the other members of the group contain the same genes as other individuals, the
survival of the individual’s genes will increase if the cooperation is allowed to occur. This is very
succinctly described by Hamilton with a simple rule to describe when collective behaviors can be
stabilized by kin selection.79
rB> C
Here, B denotes the benefit to the receivers of cooperation, and C the cost to the
producers. r is the relatedness coefficient or how related the members of the group are to one
another. This coefficient operates as a genetic correlation of the cooperative trait between the
producers and receivers of the benefits. If the population is entirely clonal, then the relatedness
coefficient would be equal to one, which is essentially what biofilms provide. As biofilms grow
from a single surface attached cell, they divide into a clonal group that prevents entry of any other
individuals. Because of this mechanism, the relatedness of the local population is guaranteed to
be high unless a spontaneous mutant were to arise. The individuals that surround each other are
clonal and the benefits received by cooperation are likely to go to those that are active in the
production. This means that group behaviors can exist in biofilm contexts that would not be stable
if the population were planktonic. Like in the section above. Secreted products can be more safely
shared within a biofilm because the population is fully related to one another.78,80,81
Biofilms can also divide the labor of matrix secretion across their population. In B.
subtilis, biofilms were found to contain 3 phenotypic cell types: matrix non producers,
extracellular polymeric substances (EPS) producers, and generalists. This division of labor across
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the population was shown to be optimal for the growth of the group, increasing fitness over those
that chose a single phenotype82,83. This mode of growth also allows for cross-feeding to occur
through metabolically different sections of the biofilm. In a study on V. cholerae colony biofilms,
cells at the anoxic layer of the biofilm (close to the nutrient source) secrete alanine, which is then
used for growth in the aerobic outer regions of the biofilm39.
Overall, the reasons to from a biofilm are numerous. Protection, collective action, and
growth optimization are just a few of the countless benefits that surface attached growth can have.
While the benefits afforded across the microbial world are similar, the mechanisms used to
achieve them end up being quite different. E. coli and V. cholerae both have mechanical
mechanisms for phage protection, but one relies directly on its matrix while the other relies
indirectly on its matrix via cell-cell packing structure42,46. In fact, the methods that each species
use to form its biofilms are wildly different from one another; each bacterial species uses
different matrix proteins, polysaccharides, and cell shapes to achieve biofilm structures that have
similar adaptive properties like those listed above. While these mechanisms could be an example
of convergent evolution among microbial species, it could also be the case that biofilm formation
is an ancient process and bacteria have diversified their use of these communites to fit their
environmental context. The differences between biofilm producing species can be seen as
adaptive to the specific environments in which they find themselves. Furthermore, their
production is tightly controlled by rigorous genetic mechanisms.
1.3 Biofilm morphology and architecture are tightly controlled
The relationship between morphology and function exists for all organisms. More
recently, the emergent morphologies and phenotypes presented by an entire population have
become an interesting line of study. For biofilms, there appears to be a strong relationship
between the architecture of the multicellular structure and the functions listed above84–86.
However, even though biofilms have the same suspected purpose, each species’ exact architecture
is unique. Even within a species, the diversity of biofilm morphology suggests that their functions
vary87.
Recent advances in genetics and high-resolution microscopy have allowed for large
strides in understanding how biofilms create their unique architectures. Of the countless species
of bacteria that exist, four have emerged as early models for studying the development and
control of biofilm architecture. Vibrio cholerae, Pseudomonas aeruginosa, Escherichia coli, and
Bacillus subtilis represent a large amount of work on the regulation of biofilm development at
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single cell resolution. Each of these species faces selective pressures unique to its environment
and therefore has biofilm structure and regulation that is different from the rest. Below we will
examine the differences in the genetic control of biofilm regulation for each of these species and
how those regulatory pathways manifest in the different morphologies we observe.
Vibrio cholerae
Vibrio cholerae is a marine organism that is most commonly associated with its ability to
cause intestinal disease20. It can be isolated from almost any marine or brackish environment and
generally act as a degrader of chitinous detritus16. Typically V. cholerae will initially adhere to
surfaces using the type IV pili MSHA and the competence pilus PilA14,34,72. Formerly known as
the chitin pilus, this type IV interaction binds particularly well to chitinous surfaces. After initial
attachment, matrix secretion is initiated by a host of genetic factors, primarily the biofilm master
regulator VpsR34. This regulator is responsible for direct activation of the type II secretion system
as well as the pathway for vibrio polysaccharide (VPS) production. Along with these components
VpsR also activates the production of V. cholerae’s 3 matrix components RbmA, RbmC, and
Bap1 which are secreted through the general secretory pathway84. While VpsR is the activator of
all the final components, it receives input from a wealth of sensory structures to determine overall
regulation. VpsT is another regulator that requires cyclic-di-GMP binding for activation88. With
VpsT, biofilm production is increased. Curiously, biofilm formation in Vibrio cholerae is
negatively regulated by quorum sensing as HapR, the high cell density regulator, represses VpsR
and VpsT34.
After VpsR activation and successful secretion of matrix components. V. cholerae will
begin to divide on the surface and form a microcolony. At this point it has been shown that the
matrix proteins RbmA, RbmC, and Bap1 are responsible for anchoring growing cells to the
surface (RbmC, Bap1) as well as the VPS permeating the microcolonies (RbmA)84,89,90. This cellmatrix interaction is tightly controlled and leads to small cell clusters of 10-50 cells throughout
the growing biofilm. Once the colony begins to form a three dimensional structure, cells within
the center change their orientation and shape, losing their curved rod morphology and stand
perpendicular to the surface91. This orientation change gives V. cholerae biofilms their wellknown radial morphology and aids in the overall packing of the colony.
Pseudomonas aeruginosa
The pathogen P. aeruginosa is another organism that has received a great deal of
attention for its biofilm formation. While generally studied in infection contexts, P. aeruginosa
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(along with other pseudomonads) has also been shown to form biofilms in the soil30,92,93. In
contrast to V. cholerae, P. aeruginosa uses two main systems to regulate its biofilm formation:
the Wsp system and the Pil-Chp/Vfr system. Initially, cells sense the surface using the Pil-Chip
system, Type IV pili and the FimS-AlgR stytems94,94,95. These initial sensors then lead to a
cascade of two critical second messengers in P. aeruginosa biofilm formation: c-di-GMP and
cAMP. WspR increases intracellular c-di-GMP which in turn activates one of P. aeruginosa’s
core exopolysaccharides Pel and Psl96.
Once irreversible attachment has occurred and microcolony formation has begun,
P.aeruginosa secretes a host of extracellular products including polysaccharides, adhesins,
proteins and eDNA93,97. Generally, it has been considered that the polysaccharides Pel and Psl
have redundant functions, as strains deficient in one have been shown to still be capable of
forming biofilms96. While not as reliant on matrix proteins for structure as V. cholerae, P.
aeruginosa does utilize the protein CdrA, which has been hypothesized to play a role in
anchoring cells to psl98. Under certain conditions these components can come together to from a
“mushroom morphology” in three dimensional space97,99. Pel also allows for streamer biofilm
morphology in soil mimicking microfluidic chamber under flow100.
Escherichia coli
E. coli has many different contexts in which its biofilms have been found to be relevant.
It is a ubiquitous organism in the guts of humans where it can act as a commensal or a
pathogen33,101. It has also been found in the soil as well as marine environments and even plays a
role in biofouling in industrial settings29,102.
These biofilms have different components involved in the formation of mature structure.
There are polysaccharides like cellulose, polyglycolic acid and colonic acid, proteinaceous
components like type 1 fimbrae, Ag43 and curli fimbrae, and eDNA. E. coli biofilm morphology
is a complex phenomenon that is still an area of active research33. What is known is that cellulose
is the predominant structural component in E. coli biofilms grown in vitro. These natural
structures then begin to secrete a layer of curli proteins on the exterior of the biofilm, which has
consequences for its ecology. However, there remain many strain level differences in E. coli
biofilm formation that remain unexamined and how certain strains deficient in matrix components
might interact with one another.
Bacillus subtilis
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The only Gram positive covered in this chapter, B. subtilis is a soil organism that has
received a great deal of attention due to its genetic tractability and robust biofilm formation103.
Like in V. cholerae, B. subtilis biofilm formation is controlled by a central regulator SpoOA103.
Activation for this regulator is different from the rest as it relies on phosphorylation from several
different histidine sensor kinases. Also differing from the other examples, B. subtilis can also
control SpoOA through the cyclic di nucleotide cyclic-di-AMP. Once activated, SpoOA goes on
to activate the secretion of B. subtilis matrix. The composition of this matrix is predominantly the
polysaccharides EPS and PGA, proteins BslA and TasA as well as eDNA32.
As these colonies expand into space, they begin to add height by growing over one
another, bucking on the surface to create three dimensional structure104. After this, cells within the
biofilm will phenotypically differentiate into different types, dividing the labor production of EPS
and protein components equally across the population. These biofilms have been shown to be
useful for growth in and around fungi in the soil community as well, suggesting that B. subtilis
biofilm formation might aid in the cooperation of organisms across kingdoms105.
The regulation of biofilm formation for each of these species is very different, although
they do maintain some striking similarities. Generally, as the formation of biofilm is costly, the
number of sensory inputs that feed into biofilm regulation need to be numerous. However, the
secretion of matrix components across species is always coordinated by a few regulators and is
always activated simultaneously. Even with these similarities, the morphologies and structures
created remain disparate, and more work needs to be done to understand the connection of finetuned regulation to final architecture. In the next section, we will discuss how these different
architectures might be important for the ecology of an organism in its natural context.
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Species

Environmental

Matrix

Possible

Representative

context

components

Biofilm

image

morphology
Vibrio

Chitinous

VPS, RbmA, RbmC,

Hemispherical,

cholerae

surfaces in

Bap1, type4 pili,

radially

marine/brackish

adhesins, flagella,

oriented cells,

water; Human GI

eDNA

tightly packed

tract

Pseudomonas

Soil and plant

Pel, Psl, CdrA, type IV

Surface

aeruginosa

root surfaces;

pili, adhesins, flagella,

monolayer

human acute and

eDNA

with 3

chronic

dimensional

infections

mushrooms

Escherichia

Soil, stream

PGA, Cellulose,

Continuous

coli

water, human GI

Colonic acid, Curli

flat surface

tract

fibers, flagella,

with vertically

antigen 43, type 1

aligned cells

fimbrae, eDNA

Bacillus

Soil, human GI

EPS, PGA, TasA, BslA,

Continuous

subtilis

tract

eDNA

flat surface,
horizontally
arranged cells

Table 1: comparison of biofilm formation across 4 major model organisms.
A brief comparison of matrix and morphology for different species of biofilms. Images were
taken from various sources43,69,74,81.
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1.4 Biofilm formation has impacts on the ecology of a species
While an immense amount of work has been done to understand the mechanisms by
which biofilms form, understanding the context of what makes their morphology important has
only just become an answerable question. Because of all the benefits that biofilms provide, they
have great impacts on the ecology of the communities and populations that form them.
The main aspect of ecology that biofilms have an impact on is their ability to turn the
landscape of the microbial environment into one where space is discrete. This means that certain
properties seen in a well-mixed system no longer apply because of distance dependent effects.
For example, in a well-mixed system, a bacteria resistant to phage predation will always go on to
fixation, since its fitness in a phage bearing environment is higher. This process will also happen
relatively quickly, as the mixing leads to very fast bacteria-phage contact. However in a surface
attached community the relationship between resistant and sensitive bacteria changes to be
negatively dependent on frequency47. Since resistant bacteria can now cover sensitive bacteria,
pockets of sensitivity will be maintained in the population. If the sensitive bacteria are rare, then
they will continue to persist within the population. However, if they are common at the start of
phage introduction, then they will be swept from the population and the resistant bacteria will
win.
All mechanisms outlined in the first section have implications on the ecology and shape
of the biofilms that exhibit them. In the case of antibiotic tolerances, the fitness benefit of being
resistant to antimicrobials is diminished. A biofilm population takes longer to develop genetic
resistant populations because the cost incurred will reduce growth in an environment where
antimicrobials do not have a large affect. For bacterial predators, having protection based on cell
packing leads to interesting implications for the landscape of a biofilm. If only sufficiently dense
colonies can survive bacterial predation, then all immature colonies will be culled leading to only
a few large clonal populations. This type of mechanisms could greatly reduce the overall diversity
of the system as well as select for faster biofilm formation rates among the survivors. Bacterial
competition within biofilms also heavily influences their ecology. Type VI secretion will
generally lead to fixation of the producing strain if there are no other selective pressures.
However, if growth rate becomes a more important factor in the environment, the sensitive strain
will outpace the rate of killing and go to fixation.
For many multi-species communities, biofilms also play a critical role in driving their
ecology. Bacteria have been shown to assemble complex multispecies structures presumed to be
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optimal for cross-feeding along nutrient gradients8,9,65,71,106. These structures arise reliably under
set conditions and suggest that multicellular biofilm structure is important for the overall function
of the collective metabolism that a community exhibits107. Another example of this spatial
striation in microbial communities would be in the human gut. Certain species have been seen to
localize in the crypts versus the intestinal lumen and differentially share nutrients with each other
and the host. Recently, a study was conducted outlining the stability of the community structure
for each of these crypts108.
Presumably, the assembly of these multispecies biofilms relies on a number of factors.
One aspect of assembly is metabolic. If two interactors increase one another’s growth rates than
they will eventually distribute into mixed clusters80. Another function in the assembly of
multispecies biofilms must be the interaction of multiple different types of biofilm programming.
This approach to understanding community assembly has seen much less research but is rapidly
gaining attention. Kim et al. recently indicated that species of streptococcus mutans will have
altered biofilm structure depending on if its in monoculture or in a community109. This structural
change in turn alters the metabolic state of S. mutans and modulates virulence. In understanding
how microbial biofilms repeatedly assemble to the same climax community we must understand
how biofilm production and morphology is influenced by the biofilms of nearby interactors.
1.5 General conclusions
At this point, it should be readily apparent why an organism would want to build a biofilm. The
benefits are multiple even with the associated cost. Nevertheless, these benefits alone do not
explain the sheer diversity of matrix, regulation and structure that is observed across the biofilm
forming world. To understand why this diversity exists the study systems that we place these
organisms into must better imitate the fitness landscape of their natural milieux. One of the ways
to better understand microbial biofilms in their natural context is to examine why the specific
cell-cell interactions that create different architectures might be beneficial to a species. In other
words, why do bacteria create specific biofilm morphologies as opposed to dividing and secreting
matrix products with no apparent structure? Recent work in understanding these cell-cell
interactions on a physical level has laid the groundworks for being able to understand their
impacts on the ecological landscape49,84,89,97,110. These studies, along with countless more
underpinning the regulation and structure of individual matrix components allow for an
understanding of the molecular ecology of biofilms that has yet to be realized.
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1.6 Thesis Overview
The aim of this body of work is to better understand the relationship between the biofilm
morphologies exhibited by organisms and how they might affect the ecology of a species. To do
this, we chose Vibrio cholerae as our organism of study. We hypothesized that the cellular scale
morphology of V. cholerae biofilm architecture was important to its ecology in a number of
different ways. Each chapter examines a different aspect of how biofilms provide a benefit to
their constituents and pairs it with how different biofilm phenotypes can modulate these benefits.
Furthermore, the ecological consequences of these architectures are experimentally determined.
In chapter 2, we tackle the question of intra-species competition as it relates to biofilm
formation on chitin particles. This chapter takes a turn into the cell biology of division and
elongation in V. cholerae, as filamentation was the driver of a novel biofilm morphology that had
increased initial adherence to chitin. We determined that this filamentous mode of growth was not
detrimental to the strain that exhibited the phenotype and in fact, showed that it could out
compete wild type biofilms for initial surface colonization. This chapter then goes on to explore
different types of dispersal environments to outline a fitness trade-off between the two biofilm
morphologies. Filamentous biofilms have an advantage in highly turbulent environments, where
initial colonization is preferred. Conversely, wild type biofilms will displace filamentous biofilms
on surfaces given sufficient time between disturbance events. Matrix appeared to not be critical
for filamentous biofilm formation, which lent to the morphology’s eventual displacement by wild
type competitors. This chapter outlines how biofilm morphologies within the same species can
exhibit different strategies for resource competition in the marine environment.
In chapter 3 we are interested in how V. cholerae biofilms respond to bacterial predation
on a single cell level. As described previously, biofilms fare better than planktonic cells when
exposed to bacterial predators99. We hypothesize that this is due to properties implicit in the
structure of the biofilm. Much like how Viadakovic et al determined the mechanism for phage
protection in E. coli46, we set out to understand what components of V. cholerae biofilms are
protective against B. bacteriovorus. We initially found that in colonies of sufficient size,
protection of the biofilm interior from predation was nearly complete. Using high resolution
spatial analysis and matrix immunostaining, we are able to determine that this protection was a
product of the tight cell-cell packing that V. cholerae exhibits in mature biofilm colonies. Matrix
alone under these conditions was not sufficient in protecting singleton cells. Because this packing
protection creates a threshold in which only sufficiently mature biofilms survive, the landscape of
the V. cholerae population changes immensely depending on the presence of predators. Post
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predator exposure, only a few very large biofilms remain emphasizing that commitment to a
biofilm lifestyle and subsequent maturation is critical for defense against predators. This chapter
examines in detail the protective benefits of biofilms against predators and the connection of
single cell architecture to larger concepts of landscape ecology.
In the final main section, chapter 4, we examine the broader interactions of how biofilms
of multiple species might affect one another’s structures. To do this, we chose V. cholerae and E.
coli, two organisms that have been shown to be co-isolated in several contexts as the two
members of this community. After growth of these biofilms, we used the bacterial predator B.
bacteriovorus to assess how predation proceeded through a multispecies biofilm. While V.
cholerae biofilms are protected against bacterial predation because of mechanisms outlined in
chapter 3. E. coli biofilms are far more susceptible and can be cleared by B. bacteriovorus.
Curiously when grown in dual species biofilms. E. coli fares better than it does alone. The inverse
is true for V. cholerae. We found that this increase in survival for E. coli is provided by mature V.
cholerae colonies that have grown over inclusions of E. coli cells. These cells then gain the
protective benefits of mature V. cholerae architecture. However, these two species can also from
highly mixed biofilms that exhibit a looser packing structure than mature V. cholerae biofilms.
These “mixed” colonies remain completely susceptible to predation and explain why V. cholerae
fares worse under these conditions. These colonies are formed when V. cholerae cells encounter
E. coli cells early in surface division. As a result, V. cholerae cannot coordinate the cell-cell
interactions necessary to nucleate a high-density interior, leading to mixed colony formation and
predator susceptibility. This chapter examines how biofilm architecture can be seen as a public
good that can be exploited by other members of the community. The results laid out here have
impacts on future work understanding what factors control community assembly in the biofilm
environment.
The appendices each exemplify how analysis of the architecture of an organism’s biofilm
can give insight into the impacts of intracellular molecular mechanisms. Appendix one focuses on
the establishment of a new dual culture biofilm system that is highly relevant to the marine chitin
community. Appendix 2 examines the V. cholerae and E. coli system but through the lens of
phage infection, showing that V. cholerae biofilm architecture can protect susceptible biofilms of
another species. Work with the Pappenfort lab For appendix 3 showed that there is significant
small RNA regulation for biofilms of V. cholerae. These small RNAs act as sponges that
sequester signaling molecules to inhibit them. A lack of small RNA sponges was shown to
overproduce biofilm. Appendix 4 shows how adhesin proteins secreted by V. cholerae can be
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important for adherence to chitin. While mutants had modest biofilm growth defects, their ability
to from biofilms of chitin were significantly hindered. Lastly, appendix 5 shows how biofilm
architecture is important in kingdoms of life other than bacteria. Aspergillus fumagatus is a fungal
pathogen that forms biofilms in the lungs of immunocompromised patients. Changes in the
regulation of its metabolism can have large effects on the secretion of its matrix components and
therefore the formation of its biofilm.
Overall, this thesis describes how the architecture and geometry created by biofilms is an
adaptive phenotype and characteristic that should be considered as a trait along with the tangible
components of exopolysaccharide and protein. The body plans of higher order organisms are
subject to selection in much the same way; the architecture of a biofilm is a phenotype that is
subject to selection. Just like the physical components of the biofilm, architecture plays direct
roles in exclusion of invaders, competition and sequestration of resources, and protection from
exogenous threats. The geometry of a biofilm can even be seen as a resource that can be exploited
in the same way that we think of classical resource exploitation with individual goods. Just as in
more complex multicellular organisms, the body plan of a group of cells is just as important to
their survival and success as the physical traits that they possess.
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2.1 Abstract
Collective behavior in spatially structured groups, or biofilms, is the norm among microbes in
their natural environments. Though biofilm formation has been studied for decades, tracing the
mechanistic and ecological links between individual cell morphologies and the emergent features
of cell groups is still in its infancy. Here we use single-cell resolution confocal microscopy to
explore biofilms of the human pathogen Vibrio cholerae in conditions mimicking its marine
habitat. Prior reports have noted the occurrence of cellular filamentation in V. cholerae, with
variable propensity to filament among both toxigenic and non-toxigenic strains. Using a
filamenting strain of V. cholerae O139, we show that cells with this morphotype gain a profound
competitive advantage in colonizing and spreading on particles of chitin, the material many
marine Vibrio species depend on for growth in seawater. Furthermore, filamentous cells can
produce biofilms that are independent of all currently known secreted components of the V.
cholerae biofilm matrix; instead, filamentous biofilm architectural strength appears to derive at
least in part from the entangled mesh of cells themselves. The advantage gained by filamentous
cells in early chitin colonization and growth is countered in long-term competition experiments
with matrix-secreting V. cholerae variants, whose densely packed biofilm structures displace
competitors from surfaces. Overall our results reveal an alternative mode of biofilm architecture
that is dependent on filamentous cell morphology and advantageous in environments with rapid
chitin particle turnover. This insight provides an environmentally relevant example of how cell
morphology can impact bacterial fitness.

28

2.2 Significance Statement
The human pathogen Vibrio cholerae, when not inside of a host, grows in cell clusters (biofilms)
on pieces of detritus in aquatic environments. Here we discovered that some isolates of V.
cholerae can change their shape from small comma-shaped cells to long filaments in sea water.
This altered cell shape allows cells to make new types of biofilms, and provides an advantage in
quickly colonizing particles in sea water, at the expense of longer-term competitive ability. The
filamentous cell shape strategy is particularly effective at competing in environments with quick
turnover of chitin particles. This result showcases how bacterial cell shape can be coupled to
environmental success during surface occupation, competition within biofilms, and dispersal to
new resource patches.
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2.3 Introduction
Bacterial existence in the wild is predominated by life in spatially structured groups, termed
biofilms (1), which inhabit environments including the rhizosphere (2), sites of acute and chronic
infection (3, 4), the pipes of industrial and wastewater flow systems (5), and the surfaces of
marine snow (6–10). Although living in groups correlates with increased tolerance to exogenous
threats like antibiotic exposure (11), biofilm-dwelling cells also experience intense competition
for space and resources (12). Furthermore, cells in mature biofilms are generally non-motile and
incur a trade-off between optimizing local competition versus dispersal to new environments (13–
15). Balancing colonization, local growth, and dispersal is therefore a critical element of
microbial fitness during biofilm formation, and understanding how bacteria modulate this balance
is a central challenge in microbial ecology. Here, we study how variation in individual cell
morphology impacts biofilm architecture and the competition/colonization tradeoff among
variants of Vibrio cholerae.
V. cholerae is a notorious human pathogen responsible for the diarrheal disease cholera,
but between epidemics, it persists as a common component of aquatic ecosystems, where it
consumes chitin harvested from the exoskeletons of arthropods (16, 17). To utilize this resource,
V. cholerae must colonize and produce biofilms on chitin particles, creating a dense, resourcelimited, and architecturally complex space for both inter-species and inter-strain competition (18,
19). V. cholerae strains that are better adapted to colonize chitin surfaces, exploit the resources
embedded in them, and spread to other particles are thus likely to be more frequently represented
in estuarine conditions (20, 21). The marine natural history of V. cholerae make this bacterium an
ideal candidate for studying the effects of different surface occupation strategies that might occur
in estuarine and oceanic environments (16, 18, 20, 22, 23).
Many strains of V. cholerae and other Vibrio spp. can be found in the marine
environment, with varying propensities for biofilm formation (16, 21). Recent work from several
groups has characterized the spatial and temporal patterns of biofilm development in remarkable
detail for model strains of V. cholerae biovar El Tor, the predominant agent of the modern
cholera pandemic. These studies have revealed the localization of different polysaccharide and
protein sub-components of the secreted matrix (24–29); the key cell group architecture transitions
and origins of cell-cell orientation (30, 31); and the cell-cell interaction mechanics underlying
collective structure in response to fluid flow (32). V. cholerae cellular morphology has been
carefully studied in laboratory conditions (33–35); however, the degree of V. cholerae
morphological variation in the environment, the impact of cell shape on biofilm architecture, and
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the consequences for inter-strain competition, are less well understood. To explore these
questions, we developed a microfluidic assay in which chitin particles are embedded in flow
devices perfused with artificial sea water, and onto which cells could be readily inoculated to
monitor colonization and biofilm growth.
Surveying samples of V. cholerae pandemic isolates from the two major extant
serogroups, O1 El Tor and O139, we observed that some variants produce sub-populations of
filamented cells under nutrient-limited conditions, including on particles of chitin in sea water.
We show that filamentation confers markedly altered chitin colonization and biofilm architecture
relative to shorter cells. Differences in chitin colonization and biofilm architecture, in turn,
influence competition for space and resources, suggesting that normal-length and filamentous
morphotypes are advantageous in different regimes of chitin particle turnover in the water
column. Overall, our results highlight a novel mode of biofilm assembly and yield new insights
into the potential roles of bacterial filamentation in microbial ecology.
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2.4 Results
Filamentation in conditions mimicking a marine habitat
Using simple microfluidic devices in which cells grow on glass substrata under flow of M9
minimal medium, we first explored the cell shape and biofilm architecture of different isolates of
V. cholerae from the two pandemic serogroups, O1 and O139 (for a full strain list see SI
Appendix, Table S1). At least one representative from both serogroups produces subpopulations
of filamentous cells in minimal media, and we sought to isolate this morphotype to further
understand its consequences for growth and biofilm development. V. cholerae AI-1837 from the
O139 serogroup and its avirulent derivative, CVD112 (36), filament especially aggressively (SI
Appendix, Figs. S1, S5), and we therefore took CVD112 as a model to explore the consequences
of filamentation for biofilm growth dynamics. For comparison throughout the study, we use the
model strain N16961 (serogroup O1, El Tor biotype), which did not produce filaments under any
conditions tested. To allow for visualization of these strains via confocal microscopy, the far-red
fluorescent protein-encoding locus mKate2 was inserted in single copy under the control of a
strong constitutive promoter into the chromosomal lacZ locus of CVD112 and its derivatives.
Analogously, a construct encoding the orange fluorescent protein mKO-κ was inserted into the
chromosomal lacZ of N16961 and its derivatives. We have shown previously that insertion of
these fluorescent protein constructs to the chromosome does not substantially influence growth
rate or other biofilm-associated phenotypes (19, 37).
In preliminary experiments, CVD112 and N16961 were inoculated into separate
microfluidic devices and perfused with M9 minimal media containing 0.5% glucose. After 24
hours, confocal imaging revealed dramatic differences in the biofilm architecture of the two
strains (Fig. 1). Consistent with prior reports, N16961 grew in well-separated microcolonies of
cells about 2 µm long, with each hemi-spherical biofilm microcolony appearing to descend from
one progenitor on the glass surface (Fig. 1A) (30, 37, 38). In contrast, CVD112 formed large
groups of filamented cells entangled with one another (Fig. 1B).
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Figure 1. Cell morphology and biofilm structures of V. cholerae N16961 and CVD112. (A)
Cell-cluster biofilms of O1 El Tor strain N16961 [3D render is 80 × 80 × 15 μm length (L) ×
width (W) × depth (D), planktonic cells, Inset]. (B) Filamented biofilms of O139 strain CVD112
[3D render is 80 × 80 × 50 μm (L × W × D), planktonic cells, Inset]. Biofilm images in A and B
were captured in glass-bottom chambers containing M9 minimal media with 0.5% glucose. (C
and D) Growth kinetics of CVD112 and N16961 in LB, artificial seawater with 0.5% GlcNAc,
and M9 minimal media with 0.5% glucose, as measured by (C) colony-forming unit count and
(D) optical density at 600 nm (for each growth curve and condition, n = 3 biological replicates,
each with three technical replicates). Error bars denote the SEM.
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We found that CVD112 filamentation occurs most strongly under nutrient-limited media
environments, as CVD112 and N16961 cells were both observed exclusively as cells
approximately 2 µm long when cultivated in shaken culture with nutrient-rich lysogeny broth
(LB) (SI Appendix, Fig. S1). In other circumstances, filamentation has been associated with an
acute stress response prior to cell death, and since CVD112 filaments were seen in M9 minimal
media, but not LB, we first suspected that they might be in a disturbed physiological state.
However, CVD112 showed no growth defect in either LB or M9 media relative to N16961 as
measured by colony forming unit (CFU) count (Fig. 1C).
In natural seawater environments, V. cholerae colonizes the exoskeletons of arthropods,
where it secretes chitinases to digest and consume N-acetyl glucosamine (GlcNAc) (18). We
found that CVD112, but not N16961, filaments in artificial seawater with 0.5% GlcNAc as the
sole source of carbon and nitrogen, identical to the morphology shown in Figure 1B. As was the
case in LB and M9 media, CVD112 and N16961 growth curves are indistinguishable by CFU
count in artificial seawater with GlcNAc, indicating similar rates of cell division (Fig. 1C).
Following this observation, we suspected that CVD112 produces more total biomass than
N16961 per unit time in low-nutrient media (where CVD112 produces filaments, while N16961
produces cells of normal length), but not in high-nutrient media (where both strains produce cells
of normal length). We tested this possibility by measuring the rate of total biomass production in
liquid culture by optical density instead of CFU count. As predicted, CVD112 produces biomass
more quickly and to higher final density than N16961 in M9 media with glucose, and in artificial
sea water with GlcNAc, but not in LB (Fig. 1D). This result was further confirmed with dry
biomass measurements of each strain after reaching stationary phase (SI Appendix, Fig. S2). We
visualized cells at regular time intervals over the course of their growth and confirmed that
CVD112 begins filamenting in mid-exponential phase in sea water with GlcNAc, but not LB (SI
Appendix, Fig. S1).
Filamentation of CVD112 in nutrient-limited conditions must derive in part from changes
in cell elongation rate relative to cell division rate. By simultaneously staining DNA and the
bacterial membrane, we found that chromosome replication continues – visible as multiple
separated nucleoids - as filaments elongate (SI Appendix, Fig. S3). Motility assays on lowconcentration agar plates (SI Appendix, Fig. S4), as well as direct observation by microscopy (SI
Appendix, Movie S1), showed that filamentous CVD112 cells were actively motile, though at
lower speed than cells of shorter length. The relative rates of elongation and division of CVD112
can be reverted under nutrient-rich conditions, such that filamentous cells divide into multiple ~ 2
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µm-long cells similarly to strain N16961. We could observe this directly by following the growth
of CVD112 cells pre-filamented in low-nutrient media, which were then transferred under an agar
pad made from LB (SI Appendix, Movie S2). From these results we infer overall that CVD112
has decreased rate of division, but not elongation, in low nutrient media, which leads to
filamentation in a reversible manner. As our focus will be on the biofilm ecological consequences
of filamentation, we emphasize here that there is no growth-related fitness defect accompanying
filamentation. Beyond these observations, understanding the precise regulatory and mechanistic
basis for filamentation, and its broader physiological relevance, are notable areas for future work.
After inspecting our set of isolates of V. cholerae, we found that at least one strain of O1
El Tor and O139 produce subpopulations of filamented cells on chitin in sea water, while others
of each serogroup do not (SI Appendix, Fig. S5; Table S2 provides a list of the differences
between these strains as identified by whole-genome sequencing). Other work has noted natural
variation in the propensity to filament among non-toxigenic strains of V. cholerae as well (39).
Filamentation is thus observed in a variety of strain backgrounds of V. cholerae and is not
specific to toxigenic strains, or to one serogroup among pandemic isolates. This is the pattern one
would expect to see if natural selection for filamentation varies with local environmental
conditions. To understand potential reasons why this morphotype could be maintained by
selection, we next set out to determine how filamentous cells interact and compete with those of
shorter length in a naturalistic context.

Filamentation promotes colonization of chitin particles and enables matrix-independent biofilm
formation
We next explored the biofilm morphologies of filamenting CVD112 and non-filamenting N16961
V. cholerae, simulating the natural conditions they experience in marine environments. We
inoculated these strains in microfluidic channels containing PDMS traps to immobilize chitin
particles (in this case, shrimp shell), a natural substrate of V. cholerae for biofilm growth and
nutrient consumption (40, 41) (SI Appendix, Materials and Methods). The chambers were
perfused with artificial sea water at a flow rate similar to what would be experienced by a
descending marine snow particle (19). Other carbon and nitrogen sources were omitted from the
liquid medium, in order minimize growth in areas of the chamber other than the chitin particles.
In the process of inoculating chitin with V. cholerae under flow, we noticed that CVD112
filaments were particularly adept at colonizing shrimp shell surface, with single cells often wound
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around the contours of individual chitin particles (SI Appendix, Fig. S6). This suggests that single
filaments can undergo large deformation in shear flow, despite the stiffness of the cell wall, and
that these flexible filaments can therefore wrap around objects in the flow path. To determine if
these properties give CVD112 a colonization advantage on chitin, we measured the attachment
rates of filamentous CVD112 and non-filamenting N16961 by flowing a 1:1 mixture of the two
strains (normalized by total biomass per volume) onto chitin particles in artificial sea water.
Filamentous V. cholerae does indeed colonize chitin more rapidly than short cells (Fig. 2A). This
result holds when the two strains’ colonization rates are tested in monoculture (SI Appendix, Fig.
S7A), and when cells dispersing directly from previously occupied chitin particles are flowed into
new chambers containing fresh chitin (SI Appendix, Fig. S7B).
Though N16961 does not produce filaments on its own, we could artificially induce this
strain to do so by treating it with sub-inhibitory concentrations of cefalexin for 1 hour, which
blocks cell division with minimal impact on cell viability or other aspects of V. cholerae
morphology (34). N16961 pre-treated in this manner exhibited similar cell elongation and a chitin
colonization rate statistically equivalent to that observed for CVD112 filaments (Fig. 2B). Below
we assess the contribution of other adhesion factors that could influence CVD112 attachment and
subsequent growth on chitin.
Following colonization, CVD112 produces biofilms that differ dramatically from those of
N16961; they are composed of enmeshed cell filaments and lack the typical cell-cell packing and
radial orientation associated with N16961 biofilm microcolonies (Fig. 2C) (26, 30). The relative
absence of tight cell-cell association prompted us to ask whether CVD112 was producing biofilm
matrix, including Vibrio polysaccharide (VPS) and the adhesin RbmA, which interacts with the
cell exterior and with VPS to hold neighboring cells in close proximity (24, 26, 29, 30, 37). To
assess the contribution of matrix production to filamentous biofilms on chitin, we tested CVD112
and its isogenic ΔvpsL null mutant, which is unable to synthesize VPS or to accumulate any of
the major matrix proteins (24). Biofilm production of wild type N16961, whose structure depends
on matrix secretion (24, 31, 42), and its isogenic ΔvpsL null mutant, were also measured for
comparison. All strains contained a FLAG epitope inserted at the C-terminus of the native rbmA
locus (24, 37). Fusion of a FLAG epitope to RbmA has been shown not to interfere with its
function (24, 26), and allowed us to localize and quantify RbmA by immunostaining as a proxy
for general matrix accumulation.
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Figure 2. Filamentous V. cholerae CVD112 has an increased chitin colonization rate
and produces VPS- and RbmA-independent biofilms on chitin in seawater. (A) The rates of
CVD112 (red data) and N16961 (yellow data) accumulation onto fresh chitin particles in artificial
seawater (n = 6 biological replicates). (B) As in A, but here N16961 was pretreated for 60 min
with cefalexin, which causes it to filament in a manner similar to CVD112 without reducing cell
viability (n = 4 biological replicates). NS, not significant. (C) CVD112 cells (red) and N16961
(yellow) bound to pieces of chitin (blue) in artificial seawater [3D render is 85 × 85 × 60 μm (L ×
W × D)]. (D) Mean biomass production (black bars, left vertical axis) and matrix normalized to
biomass (purple bar, right vertical axis) for wild type and matrix-deficient ΔvpsL derivatives of
CVD112 and N16961 (n = 5 biological replicates). Error bars denote the SEM. (E–H) Wild-type
N16961 (E) (yellow), N16961 ΔvpsL (F) (yellow), CVD112 (G) (red), and CVD112 ΔvpsL (H)
(red) on chitin (blue) in seawater. Matrix stain (Cy3-conjugated antibody to RbmA-FLAG) is
shown in purple [3D renders in E–H are 175 × 175 × 40 μm (L × W × D)].
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As expected, N16961 produced biofilms with abundant RbmA, while its isogenic ΔvpsL
mutant was impaired for biofilm growth relative to the wild type parent and showed no matrix
accumulation by RbmA staining (Fig. 2D-F). The biomass and visible biofilm architecture of
CVD112 and its ΔvpsL null mutant, on the other hand, were equivalent, and CVD112 biofilms
showed no detectable RbmA accumulation, even in areas of dense growth (Fig. 2D, G-H).
Previous reports have suggested the involvement of O-antigen and capsule polysaccharide in
calcium-dependent biofilms of (non-filamentous) V. cholerae O139 (43), but here we observed
that filamentous biofilms did not rely on these factors: their biomass on chitin was unchanged in
in the absence of calcium, and in a ∆wbfR null background, which cannot synthesize O-antigen
or capsule polysaccharide (SI Appendix, Fig. S8).
Recent work has demonstrated a role for competence pili in biofilm structure and clonal
auto-aggregation of V. cholerae O1 El Tor with normal cell length on chitin (44). For filamentous
biofilms of CVD112, a ∆pilA deletion mutant lacking competence pili did not differ from
CVD112 in biomass accumulation (SI Appendix, Fig. S8). Likewise, deletion mutants (∆tcpA
and ∆gbpA, respectively) lacking toxin-coregulated pili or chitin-binding protein were no
different from the parental CVD112 (SI Appendix, Fig. S8). An immotile mutant (∆flaA) lacking
the polar flagellum showed a small but statistically significant defect in biomass accumulation,
suggesting a role for the flagellum in chitin surface colonization or exploration consistent with
prior findings (25, 45, 46). On the other hand, normal chitin attachment and subsequent biofilm
growth were highly dependent on MSHA pili (46, 47), as a ∆mshA deletion mutant was severely
defective for biomass accumulation by 20-fold relative to the parental CVD112 (SI Appendix,
Fig. S8). Importantly, quantitative RT-PCR analysis of mshA transcripts per unit biomass
indicated lower expression of MSHA in CVD112 than in N16961 (SI Appendix, Fig. S9), so
differential production of MSHA adhesin on its own cannot explain the augmented colonization
ability of filamentous CVD112.
Overall these results suggest that filamentation, in conjunction with other key adhesion
factors including MSHA pili, yields an advantage in chitin attachment and early stage biofilm
accumulation in V. cholerae CVD112 relative to N16961. The filamentous biofilm structures of
CVD112 are independent of the primary matrix polysaccharide VPS and cell-cell adhesin RbmA.
We infer from our matrix staining and deletion mutant analysis that filamentous biofilm
architecture derives not from matrix secretion but at least in part from entanglement of the cells
themselves, which serve as both the actively growing biomass and a foundation of the biofilm’s
architecture.
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Filamentation is advantageous in frequently disturbed environments
Once we had found that filamentation provides an advantage during chitin attachment, we sought
to understand the relative fitness effects of this cell morphology on chitin in co-culture with cells
of normal length that produce biofilm matrix. To do this, we inoculated CVD112 and N16961
together on chitin in artificial seawater and measured their subsequent biofilm compositions by
confocal microscopy daily for 12 days. Our goal in the following experiments was to identify
when and how filamentation might provide a fitness advantage relative to conventional biofilm
architecture in conditions closely mimicking the marine environment V. cholerae naturally
occupies.
When biofilms were left unperturbed for the full duration of the experiment, filamenting
CVD112 cells had an initial advantage consistent with our colonization and growth rate
experiments, but non-filamenting N16961 eventually increased in frequency to become the
overwhelming majority of the population (Fig. 3A, C). Time-series of single locations on the
chitin surface show the progressive displacement of filamentous CVD112 biofilms by the matrixreplete biofilms of N16961 (SI Appendix, Fig. S10). As noted above, filamentous CVD112
biofilms are independent of known matrix components, while N16961 secretes copious
extracellular matrix within chitin-bound biofilms. Though CVD112 is superior in its initial
surface occupation, its eventual displacement by N16961 is consistent with our prior work
demonstrating that matrix secretion and cell-cell packing confer a pronounced local competitive
advantage within biofilms of V. cholerae, as well as resistance to spatial invasion by other
bacteria (13, 14, 37, 48, 49). As opposed to matrix-replete biofilms of V. cholerae, biofilms of
filamentous CVD112 permit competing strains to invade their interior volume: they do not
maintain a grip over the space they initially claim during the colonization and early growth
phases of the experiment. Direct proximity to chitin is a crucial determinant of fitness in this
simulated marine environment, as chitin surfaces are the sole source of carbon and nitrogen, and
active flow causes any excess chitin digestion products to be quickly swept out of the system
before they can be exploited by cells at a distance from the chitin particles (19).
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Figure 3. Competition between short-cell N16961 (yellow) and filamenting CVD112 (red) on
chitin (blue) in seawater. The two strains were grown together with different
disturbance/recolonization regimes for 12 d. A shows the frequency (fraction of total biomass) of
CVD112, while B shows the total biomass in the chambers for each disturbance condition.
Chambers were either undisturbed (red traces in A and B; images in C), disrupted and
reinoculated into new chitin chambers once per 72 h (black traces in A and B; images in D), or
disrupted and reinoculated into chambers every 24 h (blue traces in A and B; images in E). Above
each image series the treatment regime is shown with imaging times marked in green
(representative images noted with black dots) and disturbance/recolonization events shown in
magenta. All 3D renders in C–E are 385 × 385 × 32 μm (L × W × D).
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Although matrix-producing N16961 outcompetes CVD112 within a patch of chitinattached biofilm over time, the latter’s colonization advantage led us to speculate that it could be
successful when residence times on a given chitin particle are shorter. This could be the case, for
example, under frequently-agitated water column conditions or when chitin particle sizes are
smaller, such that they are depleted quickly. To assess this idea, we repeated our competition
experiments, but instead of tracking biofilm growth within a single microfluidic chamber over 12
days, we periodically used the liquid effluent exiting the chitin chamber to inoculate a new
chamber containing fresh chitin, where a new competition would resume (SI Appendix, Fig.
S11). This process simulates a disturbance event in which dispersal increases representation on
new chitin particles elsewhere in the water column. We implemented two disturbance regimes,
re-colonizing fresh chitin chambers once every 72 hours, or once every 24 hours.
When dispersed cells were taken from the effluent and allowed to recolonize fresh chitin
every 72 hours, filamenting CVD112 cells showed a protracted early increase in frequency, but
once again were eventually outcompeted by matrix-secreting, non-filamented N16961 cells (Fig.
3A-B, D). However, when effluent collection and re-colonization of fresh chitin occurred every
24 hours, the CVD112 strain dominated co-cultures for the full duration of the 12-day experiment
(Fig. 3A-B, E). The trajectories of these population dynamics were remarkably consistent from
one run of the experiment to the next in all dispersal/recolonization regimes, despite variation in
one replicate to the next in the particular arrangement of chitin particles in the chamber and the
locations of initial attachment by the two strains. This demonstrates the dominating strength of
the effects of competition during colonization, biofilm growth, and dispersal, relative to the
influence of stochastic factors such as orientation of chitin particles in the chambers, initial strain
colonization patterns, or local variation in flow regime.
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2.5 Discussion
Individual cell morphology varies widely within and across bacterial species (50, 51), but in most
cases it is not clear how cell shape relates to emergent structure and ecology of cell collectives
such as biofilms. Here we have found that some isolates of V. cholerae produce long cell
filaments under nutrient-limited media, including conditions closely matched to the natural
marine environment. This cell morphology generates a pronounced advantage in chitin surface
colonization and a matrix-independent biofilm architecture that permits rapid surface occupation
and high dispersal rates. However, this advantage comes at a cost: filamentous biofilms are
ultimately displaced by matrix-secreting strains in long-term competition experiments.
Filamentation is thus advantageous when patches of chitin turn over quickly, such that faster
colonization and more easily reversible attachment are more important. Our results demonstrate
that the shape of V. cholerae variants can tune the relative investment into surface colonization,
long-term biofilm robustness, and dispersal back into the planktonic phase. These are
fundamental elements of fitness for any biofilm-producing microbe (13, 52), and they are
especially important for the marine ecology of V. cholerae as it colonizes, consumes, disperses
from, and then re-colonizes chitin in its marine environment.
Bacterial cell shape can serve a broad range of adaptive functions (49–51). The curved
shape of Caulobacter crescentus, for example, promotes the formation of biofilms as
hydrodynamic forces reorient single cells to optimize daughter cell attachment (53); this process
also nucleates clonal clusters under strong flow (54, 55). Simulations and experiments with
engineered variants of E. coli suggest that rod-shaped bacteria can obtain a competitive advantage
over spherical cells in colonies on agar plates, because rod-shaped cells burrow underneath
spherical cells and spread more effectively to access fresh nutrients on the colony periphery (56).
Filamentation has been observed in a wide variety of bacteria and eukaryotic microbes; this
morphology is implicated in assisting spatial spread through soil or host tissue, and defense
against phagocytosing amoeboid predators (50, 57, 58). In this work, we have shown that
filamentation can alter surface colonization, biofilm architecture, and, as a result, the relative
investment into rapid surface occupation versus long-term competitive success in biofilms.
The biophysical bases of our results are a topic of future work, but here we note that
single filaments of V. cholerae can rapidly bend in shear flow, despite the stiffness of the
bacterial cell wall (59). Our results demonstrate that sufficiently long bacteria can behave as
elastic filaments (60)., In analogy with the stretching behavior of polymers in flows that approach
and split at the interface with an obstacle (i.e. extensional flows), we expect that filamentous
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bacteria experience shear that stretches them into alignment with stationary surfaces in the flow
path (61–63). This phenomenon presumably increases the dwell time and contact area of
filaments in proximity to obstacles in flow (SI Appendix, Fig. S12). We speculate that this
process, in conjunction with previously known surface-adhesion mechanisms such as MSHA pili
(46, 47), promotes rapid attachment and wrapping of filaments around chitin particles (SI
Appendix, Fig. S6).
Following surface attachment, filamentation allows the construction of biofilms in which
cell-cell contacts generate a mesh network that is not dependent on the major polysaccharide or
cell-cell adhesion components of the V. cholerae biofilm matrix. In this respect, filamentous
biofilms may be analogous to a polymeric gel in which elongated cell bodies are directly
associated through physical entanglement (64). Here, this cell network is more natively inclined
to fast surface spreading and subsequent dispersal, but also porous and prone to physical invasion
by competing strains or species (SI Appendix, Fig. S10). This strategy of rapid colonization and
biomass accumulation but high reversibility of surface association is particularly well suited to
fluctuating environments in which resource patches are short-lived. This could be the case when
particles are small and quickly consumed, or when disturbance events are common and destroy or
disrupt particles with high frequency.
Understanding the transitions between individual cell behavior and collective properties
that emerge among biofilm-dwelling bacteria is topic of increasingly intense interest in the
microbiology community. Our results here suggest that changes in cell shape are a fundamental
element of this individual-to-collective transition. For V. cholerae, and potentially other microbes
producing biofilms on and dispersing from particle to particle, filamentation may offer a surface
occupation strategy better suited to transient environments by shifting a biofilm’s ability to spread
over surfaces, at the expense of long term competitive ability against matrix-replete, more highly
adhesive cell groups (48). The ecological scope and impact of this cell morphology for V.
cholerae and its relatives in realistic multi-species communities remains an important avenue for
future work.
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2.6 Materials and Methods
Methods for microfluidic device assembly, biological experiments, microscopy, image analysis,
and statistical analysis can be found further described in the SI appendix, Materials and Methods.

Author Contributions
CDN and BRW conceived the project. All authors contributed to experimental design. BRW
performed strain construction, data collection, and image processing. MH and KP analyzed whole
genome sequence data. BRW and CDN analyzed data and produced the figures. CDN and BRW
wrote the manuscript with input from all authors.

Acknowledgements
We are grateful to Rob McClung, Mary Lou Guerinot, Daniel Schultz, Ryan Calsbeek, Deborah
Hogan, George O’Toole, Melanie Blokesch, and Fitnat Yildiz for helpful comments on earlier
versions of this manuscript, and to Knut Drescher, Matthew Bond, and Swetha Kasetty for
comments on the project. BRW is supported by a GANN Fellowship from Dartmouth College.
KP acknowledges funding by DFG (Collaborative Research Centre TRR 174). AP is supported
by the Swiss National Science Foundation (Projects grant 31003A_169377) and the Giorgio
Cavaglieri Foundation. CDN is supported by the National Science Foundation (MCB 1817342), a
Burke Award from Dartmouth College, a pilot award from the Cystic Fibrosis Foundation
(STANTO15RO), and NIH grant P20-GM113132 to the Dartmouth BioMT COBRE.

44

2.7 References
1.

Flemming H-C, et al. (2016) Biofilms: an emergent form of bacterial life. Nat Rev

Microbiol 14(9):563–575.
2.

Rudrappa T, Biedrzycki ML, Bais HP (2008) Causes and consequences of plant-

associated biofilms. FEMS Microbiol Ecol 64(2):153–166.
3.

Ciofu O, Hansen CR, Hoiby N (2013) Respiratory bacterial infections in cystic fibrosis.

Curr Opin Pulm Med 19(3):251–258.
4.

Wolcott R (2015) Disrupting the biofilm matrix improves wound healing outcomes. J

Wound Care 24(8):366–371.
5.

Barnes RJ, et al. (2015) Nitric oxide treatment for the control of reverse osmosis

membrane biofouling. Appl Environ Microbiol 81(7):2515–2524.
6.

Cottingham KL, Chiavelli DA, Taylor RK (2003) Environmental microbe and human

pathogen: the ecology and microbiology of Vibrio cholerae. Front Ecol Environ 1(2):80–86.
7.

Dang H, Lovell CR (2016) Microbial Surface Colonization and Biofilm Development in

Marine Environments. Microbiol Mol Biol Rev 80(1):91–138.
8.

Datta MS, Sliwerska E, Gore J, Polz MF, Cordero OX (2016) Microbial interactions lead

to rapid micro-scale successions on model marine particles. Nat Commun 7:11965.
9.

Enke TN, Leventhal GE, Metzger M, Saavedra JT, Cordero OX (2018) Microscale

ecology regulates particulate organic matter turnover in model marine microbial communities.
Nat Commun 9(1):2743.
10.

Leventhal GE, et al. (2018) Strain-level diversity drives alternative community types in

millimetre-scale granular biofilms. Nat Microbiol 3(11):1295–1303.
11.

Mah T-FC, O’Toole GA (2001) Mechanisms of biofilm resistance to antimicrobial

agents. Trends Microbiol 9(1):34–39.
12.

Nadell CD, Xavier JB, Foster KR (2009) The sociobiology of biofilms. Fems Microbiol

Rev 33(1):206–224.
13.

Nadell CD, Bassler BL (2011) A fitness trade-off between local competition and

dispersal in Vibrio cholerae biofilms. Proc Natl Acad Sci USA 108(34):14181–14185.
45

14.

Yan J, Nadell CD, Bassler BL (2017) Environmental fluctuation governs selection for

plasticity in biofilm production. ISME J 11(7):1569–1577.
15.

Yawata Y, et al. (2014) Competition-dispersal tradeoff ecologically differentiates

recently speciated marine bacterioplankton populations. Proc Natl Acad Sci U S A 111(15).
16.

Faruque S, et al. (2006) Transmissibility of cholera: In vivo-formed biofilms and their

relationship to infectivity and persistence in the environment. PNAS 103(16):6350–6355.
17.

Hayes CA, Dalia TN, Dalia AB (2017) Systematic genetic dissection of chitin

degradation and uptake in Vibrio cholerae. Environ Microbiol 19(10):4154–4163.
18.

Meibom KL, et al. (2004) The Vibrio cholerae chitin utilization program. Proc Natl Acad

Sci U S A 101(8):2524–2529.
19.

Drescher K, Nadell CD, Stone HA, Wingreen NS, Bassler BL (2014) Solutions to the

Public Goods Dilemma in Bacterial Biofilms. Curr Biol 24(1):50–55.
20.

Meibom KL, Blokesch M, Dolganov NA, Wu CY, Schoolnik GK (2005) Chitin induces

natural competence in Vibrio cholerae. Science (80- ) 310(5755):1824–1827.
21.

Lutz C, Erken M, Noorian P, Sun S, McDougald D (2013) Environmental reservoirs and

mechanisms of persistence of Vibrio cholerae. Front Microbiol 4:375.
22.

Borgeaud S, Metzger LC, Scrignari T, Blokesch M (2015) The type VI secretion system

of Vibrio cholerae fosters horizontal gene transfer. Science (80- ) 347(6217):63–67.
23.

Blokesch M, Schoolnik GK (2007) Serogroup conversion of Vibrio cholerae in aquatic

reservoirs. PLoS Pathog 3(6):733–742.
24.

Berk V, et al. (2012) Molecular architecture and assembly principles of Vibrio cholerae

biofilms. Science (80- ) 337(6091):236–239.
25.

Teschler JK, et al. (2015) Living in the matrix: assembly and control of Vibrio cholerae

biofilms. Nat Rev Micro 13(5):255–268.
26.

Fong JC, et al. (2017) Structural dynamics of RbmA governs plasticity of Vibrio cholerae

biofilms. Elife 6. doi:10.7554/eLife.26163.
27.

Absalon C, Van Dellen K, Watnick PI (2011) A Communal Bacterial Adhesin Anchors

Biofilm and Bystander Cells to Surfaces. PLoS Pathog 7(8):e1002210.
46

28.

Maestre-Reyna M, Wu W-J, Wang AHJ (2013) Structural Insights into RbmA, a Biofilm

Scaffolding Protein of V. Cholerae. PLoS One 8(12):e82458.
29.

Giglio KM, Fong JC, Yildiz FH, Sondermann H (2013) Structural Basis for Biofilm

Formation via the Vibrio cholerae Matrix Protein RbmA. J Bacteriol 195(14):3277–3286.
30.

Drescher K, et al. (2016) Architectural transitions in Vibrio cholerae biofilms at single-

cell resolution. Proc Natl Acad Sci:201601702.
31.

Yan J, Sharo AG, Stone HA, Wingreen NS, Bassler BL (2016) Vibrio cholerae biofilm

growth program and architecture revealed by single-cell live imaging. Proc Natl Acad Sci U S A
113(36):E5337-43.
32.

Hartmann R, et al. (2019) Emergence of three-dimensional order and structure in growing

biofilms. Nat Phys 15(3):251–256.
33.

Cooper S (2001) Helical growth and the curved shape of Vibrio cholerae. FEMS

Microbiol Lett 198(2):123–124.
34.

Bartlett TM, et al. (2017) A Periplasmic Polymer Curves Vibrio cholerae and Promotes

Pathogenesis. Cell 168(1–2):172–185.e15.
35.

Dörr T, Cava F, Lam H, Davis BM, Waldor MK (2013) Substrate specificity of an

elongation-specific peptidoglycan endopeptidase and its implications for cell wall architecture
and growth of Vibrio cholerae. Mol Microbiol 89(5):949–962.
36.

Tacket CO, et al. (1995) Initial Clinical Studies of CVD 112 Vibrio cholerae O139 Live

Oral Vaccine: Safety and Efficacy against Experimental Challenge. J Infect Dis 172(3):883–886.
37.

Nadell CD, Drescher K, Wingreen NS, Bassler BL (2015) Extracellular matrix structure

governs invasion resistance in bacterial biofilms. ISME J 9:1700–1709.
38.

Nadell CD, et al. (2013) Cutting through the complexity of cell collectives. Proc R Soc B

280(1755):20122770.
39.

Hassan F, Kamruzzaman M, Mekalanos JJ, Faruque SM (2010) Satellite phage TLCφ

enables toxigenic conversion by CTX phage through dif site alteration. Nature 467(7318):982–
985.
40.

Reidl J, Klose KE (2002) Vibrio cholerae and cholera: out of the water and into the host.

FEMS Microbiol Rev 26(2):125–139.
47

41.

Stocker R, Seymour JR (2012) Ecology and physics of bacterial chemotaxis in the ocean.

Microbiol Mol Biol Rev 76(4):792–812.
42.

Vidakovic L, Singh PK, Hartmann R, Nadell CD, Drescher K (2018) Dynamic biofilm

architecture confers individual and collective mechanisms of viral protection. Nat Microbiol
3:26–31.
43.

Kierek K, Watnick PI (2003) The Vibrio cholerae O139 O-antigen polysaccharide is

essential for Ca2+-dependent biofilm development in sea water. Proc Natl Acad Sci U S A
100(24):14357–14362.
44.

Adams DW, Stutzmann S, Stoudmann C, Blokesch M (2018) DNA-uptake pilus of

Vibrio cholerae capable of kin-discriminated auto-aggregation. bioRxiv:354878.
45.

Yildiz FH, Visick KL (2009) Vibrio biofilms: so much the same yet so different. Trends

Microbiol 17(3):109–118.
46.

Jones CJ, et al. (2015) C-di-GMP Regulates Motile to Sessile Transition by Modulating

MshA Pili Biogenesis and Near-Surface Motility Behavior in Vibrio cholerae. PLOS Pathog
11(10):e1005068.
47.

Utada AS, et al. (2014) Vibrio cholerae use pili and flagella synergistically to effect

motility switching and conditional surface attachment. Nat Commun 5.
doi:10.1038/ncomms5913.
48.

Schluter J, Nadell CD, Bassler BL, Foster KR (2015) Adhesion as a weapon in microbial

competition. ISME J 9(1):139–149.
49.

Persat A, et al. (2015) The Mechanical World of Bacteria. Cell 161(5):988–997.

50.

Yang DC, Blair KM, Salama NR (2016) Staying in Shape: the Impact of Cell Shape on

Bacterial Survival in Diverse Environments. Microbiol Mol Biol Rev 80(1):187–203.
51.

Young KD (2006) The selective value of bacterial shape. Microbiol Mol Biol Rev

70(3):660–703.
52.

Singh PK, et al. (2017) Vibrio cholerae Combines Individual and Collective Sensing to

Trigger Biofilm Dispersal. Curr Biol 27(21):3359–3366.e7.
53.

Persat A, Stone HA, Gitai Z (2014) The curved shape of Caulobacter crescentus enhances

surface colonization in flow. Nat Commun 5. doi:10.1038/ncomms4824.
48

54.

Rossy T, Nadell CD, Persat A (2018) Cellular advective-diffusion drives the emergence

of bacterial surface colonization patterns and heterogeneity. bioRxiv:434167.
55.

Martínez-García R, Nadell CD, Hartmann R, Drescher K, Bonachela JA (2018) Cell

adhesion and fluid flow jointly initiate genotype spatial distribution in biofilms. PLOS Comput
Biol 14(4):e1006094.
56.

Smith WPJ, et al. (2017) Cell morphology drives spatial patterning in microbial

communities. Proc Natl Acad Sci U S A 114(3):E280–E286.
57.

Möller J, Luehmann T, Hall H, Vogel V (2012) The Race to the Pole: How High-Aspect

Ratio Shape and Heterogeneous Environments Limit Phagocytosis of Filamentous Escherichia
coli Bacteria by Macrophages. Nano Lett 12(6):2901–2905.
58.

Horvath DJ, et al. (2011) Morphological plasticity promotes resistance to phagocyte

killing of uropathogenic Escherichia coli. Microbes Infect 13(5):426–37.
59.

Deng Y, Sun M, Shaevitz JW (2011) Direct Measurement of Cell Wall Stress Stiffening

and Turgor Pressure in Live Bacterial Cells. Phys Rev Lett 107(15):158101.
60.

de Boer PA, Crossley RE, Rothfield LI, Nelson DR, Jun S (1990) Central role for the

Escherichia coli minC gene product in two different cell division-inhibition systems. Proc Natl
Acad Sci U S A 87(3):1129–33.
61.

Smith DE, Babcock HP, Chu S (1999) Single-polymer dynamics in steady shear flow.

Science 283(5408):1724–7.
62.

Perkins TT, Smith DE, Chu S (1997) Single polymer dynamics in an elongational flow.

Science 276(5321):2016–21.
63.

Kawale D, et al. (2017) Polymer conformation during flow in porous media. Soft Matter

13(46):8745–8755.
64.

Graessley WW (2006) The entanglement concept in polymer rheology

doi:10.1007/bfb0031037.

49

Supplementary Materials and Methods
Strains and media:
Supplementary Table S1 includes a full strain and plasmid list for this study. CVD112 and NT330
were generously given by the Skorupski lab in the Geisel School of Medicine at Dartmouth College.
MO10 was the gift of Matt Waldor; H1C1 was provided by Jesse Shapiro via collection by Jason
Harris, Jacques Boncy, and Josiane Buteau; A1552 was generously provided by Fitnat Yildiz.
Strain AI-1837 was the gift of Joachim Reidl. Strain AI-1837 was found to contain a frameshift
mutation in the quorum-sensing locus luxO that was not present in the avirulent CVD112 derivative
of AI-1837 (see supplementary Table S2). This mutation was thus corrected in AI-1837 to return
luxO to the wild type state. All modifications to N16961 were made using Escherichia coli S17λpir carrying the suicide vector pKAS32 for allelic exchange, and all other strains were made using
pBW1 with SacB counterselection for allelic exchange (1). All strains were grown in LB, M9
minimal media with 0.5% glucose, or artificial sea water with either 0.5% GlcNAc or chitin as in
(2). Antibiotics and reagents were used in the following concentrations: 100 µg/ml ampicillin, 50
µg/ml kanamycin, 50 µg/ml polymyxin B, 1000 µg/ml streptomycin, 5% sucrose, 40 µg/ml X-Gal
and 5 µg/ml cefalexin. All chemicals and reagents were purchased from Millipore Sigma unless
otherwise stated.
Plasmid Construction:
All restriction enzymes and ligase were purchased from New England Biolabs, and PCR reagents
were purchased from BioRad. Codon optimized versions of mKO-κ and mKate2 were purchased
from Invitrogen. pCN764 (for insertion of mKO-κ to the lacZ locus) and pCN765 (for insertion of
mKate2 to the lacZ locus) were constructed by amplification of the flanking regions upstream and
downstream of the lacZ open reading frame and fusing the respective genes for these fluorescent
proteins to a synthetic Ptac promoter for high expression from a single chromosomal locus. The
lacZ-flanking fragments and fluorescent protein expression constructs were then combined using
overlap extension PCR. These conjoined fragments were cloned into the pKAS32 vector backbone
of pCN251 using the enzymes BsrG1 and BspE1 and ligated with T4 DNA ligase. These constructs
were then introduced into E. coli S17-λpir by electroporation and conjugated into V. cholerae.
Deletions of vpsL, rbmA, tcpA, pilA, flaA, gbpA, mshA, and wbfR were made by cloning 1kb
sequences up- and downstream of the respective reading frames, joining these by PCR overlap
extension, and cloning these fused products into the pKAS32 or pBW backbone. Insertion of the
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3xFLAG epitope to the C-terminus of rbmA was performed using pKAS32-based or pBW-based
allelic exchange as described previously (3).
Liquid growth curve experiments
V. cholerae strains were grown at 37o C shaking in LB overnight prior to the experiment. Overnight
cultures were then back diluted to an OD600 of 0.01 in LB, M9 minimal medium with 0.5% glucose,
or artificial sea water with 0.5% GlcNAc. OD600 readings were monitored every hour and once
overnight. To measure viable cell count, serial dilutions were also performed at each timepoint and
plated on LB agar for colony forming units. Each growth curve was performed with three biological
replicates from independent overnight cultures and three technical replicates per biological
replicate. Measurements for optical density were taken with a CO8000 cell density meter
(Biochrom, Cambridge UK).
Dry biomass measurements
Strains were grown in 20ml LB or artificial seawater with 0.5% GlcNAc for 16 h at 37O C with
shaking. Following incubation, biomass was separated from the media by centrifugation (3200 rcf,
15 minutes) and the supernatant was discarded. Cell pellets were then placed in a lyophilizer
(Labconco) and dried overnight. Dry cell pellets were then weighed in milligrams.
Swim assay and motility video
Swim motility plates were comprised of 0.3% agar and either LB, or artificial sea water with 0.5%
GlcNAc. Agar was inoculated via pipette tip stabbed into the center of the plate. Swim distance
was measured via the diameter of colonies after 16 h incubation at room temperature. Motility of
CVD112 was captured on a Nikon 90i at 100x/ N.A. 0.9 oil objective. 15 µl of culture was placed
on a glass slide and topped with a cover slip. Videos were then acquired at 30 frames per second.
Membrane and nucleoid staining
CVD 112 was cultured overnight in DSW with 0.5% GlcNAc to induce filamentation. Culture was
then diluted 10-fold and treated sequentially with 0.5 µM syto9 DNA stain (Invitrogen) and 1µg/ml
FM4-64 membrane stain (Invitrogen). Samples were exposed to stain no longer than 30 seconds
prior to imaging. After staining, 15µl of sample was placed under an agar pad and imaged using
488 and 543 nm laser lines on a Zeiss 880 laser scanning confocal microscope.
CVD 112 septation imaging
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CVD 112 was grown overnight in sea water with 0.5% GlcNAc. Thirty minutes prior to imaging,
1 ml of overnight culture was spun down, resuspended in fresh LB, and incubated at 37o C to
encourage septation. 10 µl of this culture was then spotted onto a #1.5 cover glass and covered with
an LB agar pad. Phase contrast images were taken every 5 minutes at 100x magnification and a
video was rendered using Nikon NIS elements (Tokyo, Japan).
Microfluidic device assembly
The microfluidic devices used consist of poly-dimethylsiloxane (PDMS) bonded to size # 1.5
36mm X 60mm cover glass (ThermoFisher, Waltham MA) using standard soft lithography
techniques (4, 5). Two designs of chamber were used, planar and columnar. To establish flow in
these chambers, media was loaded into 1ml BD plastic syringes with 25-gauge needles. These
syringes were joined to #30 Cole palmer PTFE tubing (inner diameter 0.3mm), which was
connected to pre-bored holes in the microfluidic device. Tubing was also placed on the opposite
end of the chamber to direct the effluent to a waste container. Syringes were mounted to syringe
pumps (Pico Plus Elite, Harvard Apparatus), and flow was maintained at 0.2 µl min-1 for all
experiments.
For simple straight-chamber flow experiments, we used devices that created tunnels
measuring 3000 x 500 x 75 µm (LxWxD). For experiments in which chitin particles were trapped
for colonization and biofilm growth, we use a chamber containing column obstacles to hold chitin
particles in places for the duration of the experiment. The layout of this chamber is depicted below.
These chambers were ~ 4000 x 1500 x 75 µm (LxWxD). These dimensions, which are 1 order of
magnitude larger than the typical chitin granule size and CVD112 filament length, and 2 orders of
magnitude larger than the typical spacing between granule, where most of the bacterial transport is
occurring. Given these experiments are in a low Reynolds number regime, the flow field near the
granules, which ultimately rules the encounter rates of single cells with chitin, is largely unaffected
by the chamber walls.
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Biofilm growth and matrix staining on chitin
Prior to bacterial inoculation, chitin flakes were be sterilized with 70% ethanol and washed in sea
water (as in Drescher et al. (2)). These flakes were suspended in sea water and flowed into a
columnar chamber at high speed using a 1 ml syringe attached to a small length of PTFE tubing.
After 30 minutes, sea water was introduced into the device at a rate of 0.2 µl/min. Overnight
cultures of each strain were normalized to an OD600 of 1.0, inoculated into a microfluidic chamber
previously filled with chitin, and allowed to rest for 30 minutes. The devices were then run at room
temperature for different periods of time depending on the experimental design. For experiments
in which RbmA matrix protein was stained for localization and quantification: twelve hours prior
to imaging, the influent media was replaced with sea water supplemented with 1 µg/ml anti-FLAG
antibody conjugated to the fluorescent dye Cy3 (Millipore-Sigma) to stain FLAG-tagged RbmA
protein in situ.
Chitin colonization experiments
Strains were grown overnight at 37oC in sea water so that CVD112 would be filamented prior to
the experiment. In Figure 2B, strain N16961 was sub-cultured, grown to mid log phase and exposed
to a sub inhibitory concentration of cefalexin (5 µg/ml) to induce filamentation as in Bartlett et al.
(6). Cultures were then diluted to an OD600 of 0.1. Equal amounts of each strain were mixed 1:1 in
a BD 1ml plastic syringe (for experiments in Figure S6, strains were loaded at an OD600 of 0.1 to
syringes in monoculture). The syringes were connected to a new chamber filled with chitin flakes.
These chambers were then perfused with the corresponding culture preparations at a flow rate of
0.2 µl/min and imaged every 30 minutes for 3 hours.
Chitin competition assays
Microfluidic devices were prepared with chitin as described above. Fluorescent protein expressing
strains of CVD112 and N16961 (producing mKate2 and mKO-κ, respectively) were grown in LB
overnight at 37o C. These cultures were then equalized to an OD600 of 1, mixed 1:1 and inoculated
into the microfluidic device. After 30 minutes, flow of fresh sea water lacking any carbon or
nitrogen source was introduced at 0.2 µl/min. Under the undisrupted condition, the devices were
run at room temperature for 12 days and imaged daily. In conditions with disruption events, new
microfluidic devices containing chitin were prepared, and the effluent from the currently incubating
device was flowed into the new devices for 30 min. To do this, new lengths of sterile tubing, as
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short as possible to minimize the time the cells spent in the liquid phase, were used to transfer
effluent from one chamber to the next. This method ensures that cells colonizing the new chambers
were dispersed members of the biofilms from the previous chamber. After colonization of the new
device, the previous device was discarded. Between these disruption events, chambers were
incubated at room temperature and imaged daily (see Figure S11).
Microscopy and image analysis
Biofilms inside microfluidic chambers were imaged using a Zeiss LSM 880 confocal microscope
with a 40x / 1.2 N.A. water objective. A 543-nm laser line was used to excite mKO-κ, and a 594nm laser line was used to excite mKate2. A 458-nm laser line was used to excite chitin
autofluorescence. For biomass accumulation and competition experiments, images were acquired
as a wide view tile scan, so that all chitin in each chamber would be present for analysis. In
experiments involving RbmA-FLAG staining, representative images were taken at several
locations within the chamber and averaged per biological replicate. Figure panels were rendered
using Zeiss ZEN blue software. To quantify bacterial or matrix biomass per area, we used
customized scripts in MATLAB (MathWorks, Natick, MA) as in Drescher et al., 2014 (2) and
Nadell et al. 2015 (3).
RNA extraction and quantitative RT- PCR
Strains were grown in shaking culture of DSW with 0.25g of chitin flakes for 48 hours. After
growth cultures were vortexed with glass beads to shear biomass from the chitin. Biomass was then
equalized by OD prior to RNA extraction. Whole RNA was extracted using the Quick-RNA
Fungal/Bacterial Microprep Kit (Zymo Research). cDNA libraries were assembled using
superscript IV first strand synthesis (Invitrogen). qPCR was performed using SYBR green qPCR
master mix and a CFX-96 thermocycler (Biorad). mshA transcript counts were normalized to those
of hfq.
DNA extraction and whole genome sequencing
DNA was extracted by first pelleting 1ml of overnight culture and adding 300 µl of cell lysis
solution (Qiagen). Cells were then incubated at 80O C for 5 minutes. Following incubation, lysate
was treated with 10 µg/ml RNaseA for 1 hour. The lysate was then spun down and the supernatant
was added to 300 µl of isopropanol. Mixture was spun down and DNA pellet was washed several
times with 70% EtOH and eluted with 100 µl dH2O. cDNA libraries were prepared using the
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Nextera DNA Flex Library Prep Kit (NEB). The libraries were sequenced using a MiSeq in 150 bp
paired-end mode. Reads were trimmed for quality and adaptors.
The trimmed read files in Fastq format were imported into CLC Genomics Workbench v11
(Qiagen). Short-read sequencing for H1C1 (7) was obtained from SRA. Reads were mapped against
two closed, annotated V. cholerae genomes using the “Map Reads to Reference” tool with default
settings. N16961 (8) was used as reference genome for O1 strains (N16961, A1552 and H1C1),
while 48853_H01 (9) was used for O139 strains (MO10, NT330, AI-1837 and CVD112). See
Supplementary Table S2 for accession numbers of sequencing data and reference genomes. Any
larger deviations from the reference genomes like missing genes or regions with a high fraction of
variable sites were determined by manual inspection of the read mappings. SNVs and smaller indels
were detected with the “Basic Variant Detection” tool requiring a minimum frequency of 35% and
a minimum coverage of 10, followed by manual filtering for sequencing or mapping errors. Finally,
differences between NT330, AI-1837 and CVD112 were detected with the “Compare Sample
Variants Tracks” tool in pairwise comparisons.
Statistics
All statistical analyses were performed in GraphPad prism. All reported comparisons are Wilcoxon
signed ranks tests with Bonferroni correction. For biomass accumulation experiments reported in
Figure 2A-B, individual slopes were determined via a linear regression for each biological replicate.
These slopes were used as data points for the corresponding comparison tests.
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2.8 Supplementary Figures

Figure S1. Snapshots of CVD112 cells (red, left) and N16961 cells (yellow, right), over the
course of planktonic growth curve experiments in LB or artificial sea water with 0.5% GlcNAc.
CVD112 filaments in sea water, but not LB, while N16961 does not filament in either condition.
Scale bars denote 10 µm.
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Figure S2. Dry biomass of 20mL shaken liquid cultures of V. cholerae N16961 and CVD112,
grown overnight in LB (in which CVD112 is not filamentous) and artificial seawater with 0.5%
GlcNAc (in which CVD112 produces filaments). Measurements were taken after 16 h of growth.
n = 3 biological replicates; error bars denote the SEM
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Figure S3. A filamentous cell of V. cholerae CVD112, after staining nucleoids with Syto9
(green) and membrane with FM4-64 (magenta). CVD112 cultures were grown overnight in
artificial seawater with 0.5% GlcNAc. Syto9 and FM4-64 were then added to an aliquot of this
culture, spotted onto a coverslip under an agar pad prior to imaging.
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Figure S4. Low agar concentration plate motility assays for V. cholerae CVD112 and N16961.
Swim motility plates were comprised of 0.3% agar and either LB, or seawater with 0.5% GlcNAc.
Agar was inoculated via pipette tip stabbed into the center of the plate. Swim distance was measured
as the diameter of colonies after 16 h incubation at room temperature. n = 5 biological replicates
and error bars denote the SEM.
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Figure S5. Representative images of different O1-El Tor and O139 (red) growing biofilms on
chitin (blue) in artificial sea water. Images to the left of the green line are O1-El Tor isolates,
while images to the right of the green line are O139 isolates. Above the black line are strains for
which we did not observe subpopulations of filamentous cells. Below the black line are strains for
which we did observe filamentous subpopulations. CVD112 was the focal filamenting strain of the
study – it is an avirulent derivative of AI-1937, for which there are two images illustrating sparse
(AI1837-a) and dense (AI1837-b) filamentous biofilms. All 3-D renders are 110x110x6µm
[LxWxD].
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Figure S6. Filamentous cells of V. cholerae CVD112 (red) wrapped around the contours of a
chitin particle (blue) in artificial sea water. This 3-D rendering is 35x35x60µm [LxWxD].
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Figure S7. Chitin colonization rates of filamentous V. cholerae CVD112 and non-filamentous
N16961. (A) CVD112 and N16961 were flowed in monoculture into chambers containing fresh
chitin particles, and their biomass accumulation rates (biomass area per hour) were measured (n =
4 biological replicates, error bars denote the SEM). (B) Chambers containing monoculture biofilms
of CVD112 or N16961 growing on chitin particles were allowed to grow for 48 h, after which the
effluent from these chambers was connected to the fluid inlet of chambers containing fresh chitin
for 1 h (n = 3 biological replicates, error bars denote the SEM). The total biomass area of cells
colonized on the fresh chitin particles was measured and normalized to the biomass of cells present
in the previous chamber from which effluent was collected for the colonization experiment.
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Figure S8. Filamentous biofilms of CVD112 were grown on chitin, with the parental wild type
shown at left for comparison. Biofilm biomass (black bars) and matrix production (purple) were
quantified after 48 h of growth at room temperature on chitin particles in artificial sea water lacking
other sources of carbon or nitrogen. n = 5 replicates for all data groups, and error bars denote SEM.
Note that little or no RbmA matrix stain was detectable for any CVD112 strain on chitin, hence the
apparent absence of purple bars for those strains. The biomass of CVD112 in seawater without Ca2+,
and the deletion mutants of CVD112, were compared to the CVD112 parental strain’s biomass
using Wilcoxon signed-ranks tests with a Bonferroni correction for 8 pairwise comparisons.
Asterisks indicate statistical significance at p < 0.05; all other comparison tests indicated no
significant differences to the CVD112 parental strain.
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Figure S9. Relative transcript counts for the mshA locus encoding MSHA pili. RNA was
extracted from 48-h shaken liquid cultures of N16961 and CVD112, grown in artificial seawater
with chitin flakes as the sole course of carbon and nitrogen. Transcript counts for mshA were
normalized to those of the hfq housekeeping locus. n = 4 replicates and error bards denote the SEM.
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Figure S10. Filamentous biofilms of CVD112 (red) can be invaded and physically displaced
by cells of N16961 (yellow). The central region of each panel is the space occupied by a chitin
particle, whose color here is not shown in order to aid visualization of the two strains in
competition. Filamentous meshes of CVD112 can be found occupying the lower surface of this
particle (indicated by arrows) in the early period of this competition experiment. Over time, the
more compact, adhesive, and matrix-replete biofilm clusters of N16961 displace CVD112 on the
chitin surface. Scale bars denote 20 µm.
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Figure

S11.

An illustration

of

the

regime

for

competition experiments

with

disturbance/recolonization. V. cholerae CVD112 and N16961 were introduced in co-culture to
microfluidic devices containing chitin and imaged daily (imaging points are indicated by green
square events in the timeline). Every 72 hours (magenta square events), the effluent from the current
chamber was used to inoculate a new chamber containing fresh chitin, which was then monitored
daily until the next disturbance event. In another treatment (see Figure 3, main text),
disturbance/recolonization events were performed every 24 hours.
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Figure S12. A fluid dynamics model for cell filament stretching in flow near chitin particles.
The flow profile near the surface of a cylinder can be described as an extensional flow. This
description is most accurate close the particle surface at the stagnation point (where streamlines
split on either side of the particle, point A above). Elastic filaments such as polymers experiencing
this extensional flow align in the direction of extension. We therefore anticipate that single
filamentous V. cholerae cells align with approaching chitin particles in flow. In addition, extended
cells span either side of the stagnation point, effectively increasing their residence time near the
particle, while short cells ballistically follow streamlines. Altogether, stretching and increased
residence time may participate to the improved ability of filamentous cells to encounter and attach
to chitin particles.
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Supplementary Table 1: V. cholerae strains and plasmids
Strain

Relevant markers/ genotypes

Source

λpir

(10)

E. coli
S17-1
V.
cholerae
V. cholerae CVD112, wild type (avirulent
CNV180

deriv. of AI-1837)

(11)

CNV184

CVD112 lacZ:Ptac-mKate2

This study

CNV229

CVD112 rbmA-3xFLAG, lacZ:Ptac-mKate2

This study

CVD112 ΔvpsL, rbmA-3xFLAG, lacZ:PtacCNV205

This study

mKate2
CVD112 ΔwbfR, rbmA-3xFLAG, lacZ:Ptac-

CNV206

mKate2

This study

CNV207

CVD112 ΔrbmA lacZ:Ptac-mKate2

This study

cholerae

CVD112 ΔpilA rbmA-3xFLAG, lacZ:PtacCNV239

This study

mKate2

This study

mKate2
CVD112 ΔmshA, rbmA-3xFLAG, lacZ:Ptac-

CNV241

This study

mKate2
CVD112 ΔgbpA, rbmA-3xFLAG, lacZ:Ptac-

CNV242

This study

mKate2
CVD112 ΔflaA, rbmA-3xFLAG, lacZ:Ptac-

CNV243

This study

mKate2

Joachim Reidl
CNV246

V. cholerae AI-1837, wild type

Group

AI-1837 lacZ:Ptac-mKate2 (luxO frameshift
CNV247

corrected)

This study
Karen Skorupsi

CNV208

V. cholerae NT330, wild type

Group

CNV244

NT330 lacZ:Ptac-mKate2

This study
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Serogroup
O139

CVD112 ΔtcpA, rbmA-3xFLAG, lacZ:PtacCNV240

V.

Matt Waldor
CNV209

V. cholerae M010, wild type

Group

CNV245

MO10 lacZ:Ptac-mKate2

This study

CNV049

V. cholerae N16961, wild type

(12)

CNV116

N16961 rbmA-3xFLAG, lacZ:Ptac-mKate2

This study

CNV121

N16961 rbmA-3xFLAG, lacZ:Ptac-mKO-κ

This study
V.

N16961 ΔvpsL, rbmA-3xFLAG, lacZ:PtacCNV203

mKate2

This study

cholerae

Jesse Shapiro

Serogroup

CNV185

V. cholerae H1C1, wild type

Group

O1, El

CNV224

H1C1 lacZ:Ptac-mKate2

This study

Tor

Fitnat Yildiz
CNV219

V. cholerae A1552, wild type

Group

CNV236

A1552 lacZ:Ptac-mKate2

This study

origin,
Plasmid marker

comments

templates, primers

source

pR6K, Amp,
pCN251

Kan

pKAS32

(1)

pBW1 for
insertion of
pCN768

pR6K, Amp,

lacZ:Ptac-

cno 437-440; pCN

Kan

mKate2 with

765
69

This study

SacB
counterselection
PKAS32 for
insertion of
pCN764

pR6K, Amp,

lacZ:Ptac-mKO-

Kan

κ

cno233-236

This study

cno233-236

This study

pKAS32 for
insertion of
pCN765

pR6K, Amp,

lacZ:Ptac-

Kan

mKate2

C. M. Waters,
Michigan State
University, East
pCN006

pR6K, Amp

pKAS32 ΔvpsL

pCN778

pR6K, Amp

pBW ΔrbmA

Lansing, MI
cno 459-464

This study

pBW rbmApCN769

3xFLAG

cno 437-440;

insertion

pCN189 (3)

This study

pBW ΔvpsL

cno 465-470

This study

Kan

pBW ΔwbfR

cno 302-305

This study

pR6K, Amp,

pBW ΔgbpA
cno 523-526

This study

pR6K, Amp
pR6K, Amp,

pCN784

Kan
pR6K, Amp,

pCN791
pCN792

Kan
pR6K, Amp,

pCN793

Kan
pR6K, Amp,

pCN794

pCN800

pBW ΔpilA

Kan

This study
cno 531-534

pBW ΔmshA

Kan
pR6K, Amp,

This study
cno 527-530

Kan
pR6K, Amp,

pCN795

pBW ΔtcpA

This study
cno 535-538

pBW ΔflaA

This study
cno 557-560
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Primer Sequence
Name

Description
Forward
sequencing
primer

for

checking
3xFLAG
insertion
cno211

CCGTTGATTTAAATAATGGCCGC

to

rbmA
Reverse
sequencing
primer

for

checking
3xFLAG
insertion
cno212

CAGTGAGTGAATGGAAGAAGAATAGA

to

rbmA
Forward
primer

cno233

GCTCCGGACACCAATGGATCCTTTGACAA

for

insertion

of

mKO-κ

or

mKate2

into

KAS32
Reverse
primer

cno234

CGTGTACATTGAATTCTTTTCTAGAAAGGAGCTC

for

insertion

of

mKO-κ

or

mKate2

into

pKAS32
Forward

cno235

GCTGTACAAGAGGCCTGCTAGAGCTA
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primer
backbone

for

amplification
of pCN251
Reverse
primer

for

backbone
amplification
cno236

CGTCCGGAGACTCTGGATCCCCGG

of pCN251
Forward
primer

for

checking
deletion
vpsL
cno237

GGTGGTTAATAAGTGAGTCTCAAGG

in

of
V.

cholerae
Reverse
primer

for

checking
deletion
vpsL
cno238

GCGAAAACGGTATCCCAATTG

in

of
V.

cholerae
Forward
primer for lacZ

cno239

insertion check

CGTATTGCGGGCTATCAAC

Reverse
primer for lacZ
cno240

insertion check

GGGAAGGGTAAAACCGAGA

Upstream
sequencing

cno241

TGGCTCTTGCTTTGGCAAC

primer

for

mKO-κ

and

mKate2
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Sequencing
primer 1 for
cno244

mKO-κ insert

GGTCATCAAGAAATGACCCTG

Sequencing
primer 2 for
cno245

mKO-κ insert

ACCTATAAAGCGGCGAAAGA

Sequencing
primer 1 for
cno246

mKate2 insert

CACTGCCATTTGCGTTTGA

Sequencing
primer 2 for
cno247

CTATGTGGAACAACATGAAGTGG

mKate2 insert
Reverse
amplification
of pCN 38 for
replacing rpsL

cno437

with sacB

ggcaggtatatgtggtcgacgtcccatggagat

forward
amplification
of

sacB

for

instertion into
cno438

ggacgtcgaccacatatacctgccgttcactat

pCN38
reverse
amplification
of

sacB

for

instertion into
cno439

tacctcaggtcgacttatttgttaactgttaattgtccttgttcaag

pCN38
forward

cno440

ggacaattaacagttaacaaataagtcgacctgaggtaattataaccc
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amplification
of pCN 38 for

replacing rpsL
with sacB
sequencing
primer

for

SacB
replacement of
on

rpsL
cno441

pCN38

acaaataggggttccgcg

sequencing
primer

for

SacB
replacement of
on

rpsL
cno442

pCN38

actcaagcgtttgcgaaag

reverse primer
for

backbone

amp of rbmA
deletion
cno459

gtccaTTTCCTAGGAAAgttatccgctcacaattccacat

gibson
forward primer
for

upstream

rbmA deletion
cno460

aattgtgagcggataacTTTCCTAGGAAAtggacacaggcg

gibson
reverse primer
for

upstream

rbmA deletion
cno461

tacatacgactaagtgactaggtaaatccatttgtttttacaactggcgc

gibson
forward primer

cno462

ttgtaaaaacaaatggatttacctagtcacttagtcgtatgtataaaaaacc
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for
downstream

rbmA deletion
gibson
reverse primer
for
downstream
rbmA deletion
cno463

gcgcgcgatcaaaggtaccttagtggttcaaaatcaatt

gibson
forward primer
for

backbone

amp of rbmA
deletion
cno464

gibson

ctaaggtacctttgatcgcgcgcagatct

reverse primer
for

backbone

amp of

vpsL

deletion
cno465

CGGCAGGTATgttatccgctcacaattccacat

gibson
forward primer
for

upstream

vpsL deletion
cno466

ttgtgagcggataacATACCTGCCGCGGTTG

gibson
reverse primer
for

upstream

vpsL deletion
cno467

AGTGCCCTGTCTAGACGCTCCTAACCGATGTAAGAT

gibson
forward primer
for
downstream
vpsL deletion

cno468

TAGGAGCGTCTAGACAGGGCACTTGCGTC
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gibson

reverse primer
for
downstream
vpsL deletion
cno469

gibson

gcgcgatcCGCGTCACCATCGCC

forward primer
for

backbone

amp of vpsL
deletion
cno470

gibson

TGGTGACGCGgatcgcgcgcagatct

upstream

for

gibson amp of
wbfR deletion
cno519

aattgtgagcggataacctgtttgtttttgtttttataataagctatccct

into pBW1
downstream
backbone amp
of pBW1 for

cno520

attataaaaacaaaaacaaacaggttatccgctcacaattccacat

wbfR deletion
downstream
for gibson amp
of
deletion

cno521

gcgcgatcccggttctggtaagtaaggataaacc

wbfR
into

pBW1
upstream
backbone amp
of pBW1 for

cno522

cttaccagaaccgggatcgcgcgcagatct

wbfR deletion

cno523

gagcggataacCGCATTCGTCGATAAAAGTGTTC
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upstream

for

gibson amp of

gbpA deletion
into pBW1
downstream
backbone amp
of pBW1 for
cno524

TTTATCGACGAATGCGgttatccgctcacaattccacat

gbpA deletion
downstream
for gibson amp
of

gbpA

deletion
cno525

cgcgcgatcCGGTGCTCAATAATTCATTACCCAT

into

pBW1
upstream
backbone amp
of pBW1 for

cno526

ATTATTGAGCACCGgatcgcgcgcagatctg

gbpA deletion
upstream

for

gibson amp of
tcpA deletion
cno527

tgtgagcggataacCTCACAAAGTAATGCTAGCCGTG

into pBW1
downstream
backbone amp
of pBW1 for

cno528

GCATTACTTTGTGAGgttatccgctcacaattccacatg

tcpA deletion
downstream
for gibson amp

cno529

gcgcgatcCATCACGTTGCATTGCTATTTCTCC

cno530

CAATGCAACGTGATGgatcgcgcgcagatctg
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of

tcpA

deletion

into

pBW1
upstream
backbone amp

of pBW1 for
tcpA deletion
upstream

for

gibson amp of
pilA
cno531

tgagcggataacTGGCATGTGCAAGATGGTGA

deletion

into pBW1
downstream
backbone amp
of pBW1 for

cno532

TGCACATGCCAgttatccgctcacaattccacatg

pilA deletion
downstream
for gibson amp

cno533

tgcgcgcgatcGAATTTTAATCCGCGCAGCTAAAC

of

pilA

deletion

into

pBW1
upstream
backbone amp
of pBW1 for

cno534

CGGATTAAAATTCgatcgcgcgcagatctg

pilA deletion
upstream

for

gibson amp of
mshA deletion
cno535

agcggataacCGTTACGTAAGTGAGTTGAAAAATATGAAGA

into pBW1
downstream
backbone amp
of pBW1 for

cno536

CAACTCACTTACGTAACGgttatccgctcacaattccacatg

mshA deletion
downstream

cno537

cgcgcgatcGATGATCATCTCAACCAAGGTAAAACCAC
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for gibson amp
of

mshA

deletion

into

pBW1
upstream
backbone amp
of pBW1 for
cno538

GTTGAGATGATCATCgatcgcgcgcagatctg

mshA deletion
downstream
backbone amp
for pBW flaA

cno555

AAGTATCAAACACACTAgttatccgctcacaattccacat

backbone
upstream
backbone amp
for pBW flaA

cno556

TAGGTGTCGCCGTTCgatcgcgcgcagatctg

backbone
upstream amp
of
flaA

cno557

attgtgagcggataacTAGTGTGTTTGATACTTTCCGTGATGC

upstream
deletion

pBW fragment
downstream
amp

of

upstream flaA
deletion pBW
cno558

TGAAGGTACCGTGAAAGTTTGCTCTCCTATCGAGTTCG

fragment
upstream amp
of downstream
flaA

cno559

deletion

ATAGGAGAGCAAACTTTCACGGTACCTTCATTAATGAGCT pBW fragment
downstream

cno560

gcgcgcgatcGAACGGCGACACCTAAACCTC
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amp
downsteam

of

flaA

deletion

pBW fragment
mshA
cno349

GCTGGTGCAATGGGTATCT

fwd

qPCR
mshA

rev

cno350

ACCGTTGCAGGATTATTAGCGG

qPCR

cno353

CGTGAACGTATCCTTGTTTCT

hfq fwd qPCR

cno354

CTTCAGACTTCTCTGCTGGAC

hfq rev qPCR
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Table S2. Whole-genome sequencing of O1 and O139 V. cholerae strains
**Note: The full Table S2 content is formatted as a separate Excel file for clarity. Below is a list
of contents:
S2A

Strains analyzed by whole-genome sequencing, the reference genomes used for mapping
and the respective accession numbers for sequencing reads and references

S2B

List of undetectable or highly variable genomic regions in the sequenced isolates
compared to the respective reference genomes

S2C

Cross-comparison of mutations between CDV112, its parent AI-1837 and nonfilamenting NT330

S2D

Mutations detected in the sequenced N16961 isolate compared to the reference genome

S2E

Mutations detected in the sequenced A1552 isolate compared to the reference genome

S2F

Mutations detected in the sequenced H1C1 isolate compared to the reference genome

S2G

Mutations detected in the sequenced MO10 isolate compared to the reference genome

S2H

Mutations detected in the sequenced NT330 isolate compared to the reference genome

S2I

Mutations detected in the sequenced AI-1837 isolate compared to the reference genome

S2J

Mutations detected in the sequenced CVD112 isolate compared to the reference genome
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3.1 Summary
The bacterium Bdellovibrio bacteriovorus attaches to the exterior of a Gram-negative prey cell,
enters the periplasm, and harvests resources to replicate before lysing the host to find new prey1–7.
Predatory bacteria such as this are common in many natural environments8–13, as are groups of
matrix-bound prey cell clusters, termed biofilms14–16. Despite the ubiquity of both predatory
bacteria and biofilm-dwelling prey, the interaction between B. bacteriovorus and prey inside
biofilms has received little attention and has not yet been studied at the micrometer scale. Filling
this knowledge gap is critical to understanding bacterial predator-prey interaction in nature. Here
we show that B. bacteriovorus is able to attack biofilms of the pathogen Vibrio cholerae, but only
up until a critical maturation threshold past which the prey biofilms are protected from their
predators. Using high-resolution microscopy and detailed spatial analysis, we determine the
relative contributions of matrix secretion and cell-cell packing of the prey biofilm toward this
protection mechanism. Our results demonstrate that B. bacteriovorus predation in the context of
this protection threshold fundamentally transforms the sub-millimeter scale landscape of biofilm
growth, as well as the process of community assembly as new potential biofilm residents enter the
system. We conclude that bacterial predation can be a key factor influencing the spatial community
ecology of microbial biofilms.
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3.2 Results and Discussion
Biofilm formation is a common mode of microbial life in which cells of one or more species
produce surface-attached or free-floating communities that are bound by a self-produced polymer
matrix14–16. Biofilms are fundamental to microbial ecology in contexts including marine snow17–22,
the rhizosphere23, microbiomes on or within multicellular organisms24,25, and acute and chronic
infections26–28. Bacteria dwelling in these communities collectively determine their architecture
using many mechanisms, including the matrix; this architecture then influences surface occupation,
dispersal, competition for space and nutrients, and protection from exogenous threats29–33.
Many studies have shed light on the mechanisms that biofilm-dwelling bacteria use in
response to bottom-up selective pressures such as spatial or nutritional competition16,22,31,34–45.
Others have examined the influence of top-down selective pressures, such as toxin exposure and
predation, which can have profound impacts on the behavior and survival of biofilm
communities32,46–49. For example, the effects of antibiotics on biofilms have been investigated in
detail; some but not all antimicrobials are blocked from diffusing completely into biofilms, and
those that do permeate biofilms can substantially alter their spatial organization50–52. Other recent
work has assessed the interaction of bacteriophages and biofilms at single-cell resolution, finding
that some biofilms can block phage entry using components of the secreted matrix

32,52–55

. The

micrometer-scale dynamics of interaction between biofilms and larger predatory threats have
received less attention, however. A key example of such a predator is Bdellovibrio bacteriovorus,
which is ubiquitous in natural environments56–60.
B. bacteriovorus, a delta-proteobacterium approximately 1 µm in length, most often
exhibits an obligate predatory lifestyle in which it targets Gram-negative prey, bores through the
outer membrane into the periplasm, harvests resources to replicate, and lyses the host cell in search
of new prey1–7. B. bacteriovorus can predate Escherichia coli and Pseudomonas fluorescens within
biofilms in static culture and under flow61, and numerous studies have isolated B. bacteriovorus
directly from biofilms on abiotic substrata and the surfaces of animals and plants in aquatic
environments8–13. Predatory bacteria and biofilm communities are thus widespread in nature and
commonly interact4,57,62–64, but the detailed spatial ecology of B. bacterivorous predation in this
context is not well understood.

In aquatic environments, predatory bacteria are strong modulators of the Vibrio
clade64, and V. cholerae is a known susceptible prey target of B. bacterivorous65. We
therefore chose V. cholerae, whose architectural dynamics and matrix components have
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been characterized in depth15,29,66–71, as a model organism to examine B. bacteriovorus
interaction with prey biofilms. Using a combination of microfluidic culture, confocal
imaging, and detailed spatial analysis, we explore how bacterial predation pressure
influences biofilm structure and composition. We find that exposure to bacterial predators
fundamentally alters the landscape of biofilm growth and communal defense against
infiltration by newly arriving planktonic bacteria.

V. cholerae biofilms have a maturation threshold for protection from B. bacterivorous
To evaluate the interaction between pre-formed resident V. cholerae biofilms and their bacterial
predators, we first cultivated V. cholerae on glass surfaces in microfluidic flow devices.
Approximately 48 h after the initial surface inoculation and initiation of flow, we introduced B.
bacteriovorus into the chambers over a period of 30 min, followed by resumption of predator-free
medium flow for the remainder of the experiment. Biofilms were then imaged through their entire
3D volume by confocal microscopy (see STAR Methods).
Successful predation could be seen throughout the microfluidic arena among singleton prey
V. cholerae. Cells on the periphery of biofilm clusters appeared susceptible as well, but the centers
of larger biofilm clusters were devoid of predator cells (Figure 1A). Images taken 48 h after initial
predator exposure showed that cells on the interior of these clusters remained unexposed to
predation; remaining B. bacteriovorus cells were immobilized in the matrix milieu around resident
prey throughout the expanding biofilm front (Figure 1B). These results suggest that one or more
features of V. cholerae biofilm architecture inhibit predator cells from penetrating the biofilm
interior.
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Figure 1. bacteriovorus predation of V. cholerae biofilms and its relationship to prey biofilm
matrix production and cell packing. Prey biofilms (red) were grown for 48 h prior to exposure
to predator cells (cyan). (A) 30 min after introduction, predator cells have preyed upon singleton
cells, forming bdelloplasts (inset). Predator cells also appear able to access hosts on the periphery,
but not within the innermost regions, of V. cholerae host biofilm clusters. (B) 48 hours after
introduction, V. cholerae demonstrates net positive growth, trapping B. bacteriovorus in the
expanding front. (C) Raw fluorescence image showing a horizontal cross section of the matrixlabeled biofilm (biofilm matrix protein is now labeled in yellow). (D) Image analysis of biofilms
exposed to predatory bacteria after 2 hours. The X and Y axes denote local and neighborhood
biovolume fraction, respectively. The vertical axis denotes the degree of predation. Any points off
the bottom plane denote host cells in the process of being killed by predatory bacteria. Data points
are color-coded according to local matrix fluorescence intensity. (E-H) Raw images and
corresponding heat maps for degree of predation. In the raw images at left, host cells are red,
predators are cyan, and matrix is yellow. In the heatmaps at right, blue/teal indicates a predator cell
attached to a host cell, and orange/yellow indicates a predator cell is inside the host. (E) isolated
singleton cells are fully exposed and tend to be killed off by B. bacteriovorus, though some
singleton cells have not yet been found by a predator, highlighted by the dotted outlines in (F). (G)
Small biofilm clusters that are producing extracellular matrix are nevertheless fully susceptible to
predation. (H) Though the periphery regions of large biofilm clusters are still susceptible to
predation – as in (G) – the internal regions of these clusters with high cell-packing are fully
protected.
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We next sought to understand how V. cholerae biofilm structure influences spatial access
by predator cells. Prior work has linked the biofilm matrix to protection of biofilms from entry by
bacteriophages and competing microbes32,37,52; following this precedent, we were curious as to the
contribution of the matrix in protection from B. bacteriovorus predation. To pursue this question
we introduced a 3x-FLAG epitope to the N-terminus of the V. cholerae matrix protein RbmA; this
construct allowed us to directly visualize the matrix without altering its function37,66,72. RbmA has
been extensively characterized as a key matrix component, along with vibrio polysaccharide (VPS),
in controlling cell-cell packing and alignment architecture within biofilms of this species29,30,66,68.
Our visualizations showed that B. bacterivorous localized within the outermost layers of cells and
matrix material in the periphery of larger biofilm clusters. V. cholerae cells outside of the matrix
were frequently preyed upon (Figure 1C; Figure S1A). Visual inspection alone, however, could not
determine whether proximity to matrix was sufficient on its own to protect prey from predatory
bacteria.
To resolve this uncertainty, we performed a high-resolution analysis of the amount of
secreted matrix, the cell-cell packing among prey V. cholerae cells, and the relationship between
these biofilm features and local predation by B. bacteriovorus. We separated predator and prey
biovolumes from background by segmentation and dissected them into a 3-D grid, with each cubic
grid unit measuring 2.6 µm on a side (See Figure S1B). At this resolution, the grid units could
contain ~3-5 cells of V. cholerae and/or B bacteriovorus. For each segmented V. cholerae
biovolume, we calculated i) the local accumulation of RbmA matrix; ii) the local biovolume
fraction (i.e. how much of a 1.5 µm shell around each segmented V. cholerae that was occupied by
other V. cholerae); iii) the neighborhood biovolume fraction (i.e., how much of a 6 µm shell around
each segmented V. cholerae was also occupied by V. cholerae); and finally iv) an overlap
coefficient between V. cholerae and B. bacteriovorus (i.e., the degree of predation, see STAR
Methods and Figure S1B-F). Note that the local and neighborhood biovolume fractions are both
proxies for cell-cell packing of prey V. cholerae, but on two spatial scales, so they yield different
information about localized versus more distal cell-packing architecture.
Using the metrics described above we analyzed n = 23 independent image stacks, which
revealed four different sub-populations (Figure 1D). We label these E-H for correspondence with
examples of each in panels E-H of Figure 1. Population E includes singleton V. cholerae cells with
zero matrix, low local and neighborhood biovolume fractions, and which have been preyed upon
by B. bacteriovorus (Figure 1E). Population F includes singletons much like population E, but
which have not yet been found by a predator cell (Figure 1F). Population G includes V. cholerae
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clusters that have begun producing matrix, but which had not yet formed hemi-spherical groups;
this sub-population had detectable matrix signal, high local biovolume fraction, but low
neighborhood biovolume fraction (Figure 1G). Also in group G were units on the outer periphery
of larger biofilm clusters. The cells in groups G, despite accumulating matrix and high local density,
were highly susceptible to predation (Figure S1G). Lastly, population H included groups of cells
on the interior of larger biofilm clusters; these had high matrix accumulation, high local and
neighborhood biovolume fractions, and almost complete protection from predation (Figure 1H).
Overall, these results suggest that local matrix accumulation alone is not sufficient for protection
from B. bacteriovorus; rather, a combination of matrix secretion and cell-cell packing is at play.
To further explore the interaction between matrix production, cell-cell packing, and
predation protection, we studied two additional mutants and their susceptibility to B. bacteriovorus.
One is a vpvW240R point mutant that constitutively produces extracellular matrix – we refer to this
strain as a matrix hyper-secretor. The other, ∆rbmA, harbors a clean deletion of the rbmA locus and
cannot produce the core matrix protein RbmA. The hyper-secretor rapidly generates highly
compact biofilm clusters relative to wild type73–75, and the ∆rbmA strain produces biofilms with far
looser cell-cell packing and altered cell orientation architecture16,29,30,37,72,76. These strains – and WT
for comparison – were grown in monoculture microfluidic devices and subjected to B.
bacterivorous (Figure 2A-C).
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Figure 2. A critical threshold of neighborhood biovolume fraction correlates with host cell
protection from predation. (A-C) Images of V. cholerae biofilm clusters of wild type, matrix hypersecreting, and ∆rbmA strains 2 hours after predator introduction. V. cholerae cells are shown in red,
immunostained RbmA-FLAG is shown in yellow, and B. bacteriovorus is shown in cyan. Biofilms were
segmented and analyzed by dissecting the total system into a cubic grid as detailed in the main text. The
segmented biovolumes in each grid are analyzed individually to produce the kymographs described
below. (D-F) Heatmap plots for the degree of predation in biofilms of the three strains shown in (A-C),
respectively. The horizontal axis denotes local biovolume fraction, and the vertical axis denotes
neighborhood biovolume fraction. Black squares correspond to biofilm volume units that are protected
from predation; dark blue squares denote areas with predation initiating at the cell exterior; and light
blue squares denote areas fully predated. Note the critical threshold neighborhood volume fraction of
approximate 0.8 past which biofilms are protected from predation. (G-H) Heatmaps plots for the degree
of matrix accumulation in biofilms of the two strains shown in (A-B), respectively. There is no entry
for the ∆rbmA strain, because it cannot produce the matrix protein being immunostained. Axes are as
for (D-F). The black-to-yellow scaling relates the matrix accumulation for each point. Note in
comparing (E) and (H) in particular that high matrix production by itself does not confer predator
protection; rather matrix-replete regions of the biofilm must first reach the critical neighborhood cell
packing threshold before predators can be exluded.
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The resulting image data were again segmented and dissected into a cubic grid for spatial
analysis as described above. Panels D-F in Figure 2 show heatmaps of local versus neighborhood
biovolume fraction with points color-coded according to predation state; panels G-H in Figure 2
show analogous heatmaps, but with points color-coded according to local RbmA accumulation.
From this analysis it is evident that both WT and matrix hyper-secreting strains have a critical
neighborhood biovolume fraction (~0.8) above which patches of cells are largely protected from
predator exposure (Figure 2D-E; Figure S2A,B). Logistic regression of predation probability as a
function of our three biofilm architecture measurements confirmed that neighborhood biovolume
fraction is the dominant factor influencing the likelihood that V. cholerae prey succumb to B.
bacteriovorus predation (these analyses are developed in the Supplemental Information, see Tables
S1 and S2). A larger proportion of clusters of the matrix hyper-secreting strain reached this
threshold before predator exposure, and so this strain had greater overall protection against
predation (Figure S2C-E); hyper-secretor clusters were still susceptible to predation along their
periphery in the same manner as larger WT biofilm clusters (Figure S2F-I). Importantly, however,
even though the matrix hyper-secreting strain has a higher signature of matrix secretion (Figure
2G-H), its threshold biovolume fraction for protection against B. bacteriovorus was the same as
that of WT. By comparison, biofilms of the ∆rbmA strain never reach the biovolume fraction
threshold required for protection against predator attack, and nearly all cells are killed (Figure 2F).
Altogether these data suggest that it is not the extracellular matrix by itself but rather the
collective cell-cell packing that emerges from cell-matrix and cell-cell interaction that ultimately
provides protection against spatial access by B. bacteriovorus. Another notable implication of our
analysis is that there are two advancing fronts on the periphery of growing V. cholerae biofilms.
The first is the true outer layer of biofilm expansion in which cells are producing extracellular
matrix but have not yet achieved the cell-packing required for B. bacteriovorus protection. The
second front, lagging behind the first, is that at which matrix and cell-packing have fully matured,
conferring lasting protection against invasion by bacterial predators. Our results imply that the
consolidation rate of this secondary front exceeds the rate of infiltration and predation by B.
bacteriovorus on the biofilm periphery, allowing the biofilm to maintain positive net growth despite
grazing by the predators.
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B. bacterivorous predation transforms the landscape of V. cholerae biofilm growth
Our results thus far establish a critical cell-packing threshold above which biofilms of V. cholerae
survive exposure to B. bacteriovorus (Figure 2D-E; Figure S2); though the predator can continue
grazing on the periphery of these biofilms, the prey cell clusters maintain positive net growth. This
observation reminded us of studies at much larger spatial scales in the context of forest ecology.
Our findings are comparable to browsing and fire traps, which can limit the recruitment of tree
saplings to adult trees: only saplings past a size threshold survive herbivore grazing and fire to
become adults77,78. Depending on grazing and fire frequency, this effect can generate vastly
different distributions of tree biomass on continental scales79. With this analogy in mind, we were
curious as to how exposure to B. bacteriovorus influence the sub-millimeter scale landscape of V.
cholerae biofilms.
We explored this question by repeating the experiment above with a different imaging
regime. V. cholerae was grown in microfluidic devices for 48 h before a single introduction of B.
bacterivorous, followed by a return to predator-free media influx. In control treatments, the same
tubing exchanges were performed, but no predators were introduced. We then imaged the biofilms
by confocal microscopy 48 h later, which revealed dramatic differences between the two
treatments. Control chambers contained a wide array of cell cluster sizes (Figure 3A). The
frequency distribution of neighborhood biovolume fraction in this condition was broad with a
shallow peak at ~0.35 (Figure 3C).
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Figure 3. Exposure to predation by B. bacteriovorus shifts the microscopic landscape of host
biofilms. A) In the absence of predatory bacteria, V. cholerae produces biofilms with abundant
small clusters with high internal neighbor volume fraction and low peripheral neighborhood
volume fraction. B) Under predation by B. bacteriovorus, single cells and small colonies below a
neighborhood cell-packing threshold are exposed and killed, leaving few remaining clusters which
are then free to grow very large. C) Frequency distributions of neighborhood volume fraction for
biofilms exposed or unexposed to B. bacteriovorus predation. Biofilms with predators present show
a strong shift toward high neighborhood volume fraction. D) Quantification of the average ratio of
basal area to mid-plane area for biofilms with and without exposure to predators. Exposed biofilms,
because they have room to grow into much larger columnar structures, have a ratio of ~1; while in
unexposed biofilms, clusters compete more for space and remain semispherical, such they are larger
at their base than they are at their mid-plane.
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Biofilms exposed to B. bacteriovorus were strongly shifted toward very large cell clusters
that had reached the ceiling of the chambers and grown into columnar structures, in contrast to the
hemispherical biofilm microcolonies observed in the control chambers (Figure 3B). We could test
whether the difference in biofilm cluster shape between the two treatments was consistent across
all replicates by measuring the ratio of biomass at the base of biofilm clusters to that at the chamber
mid-plane. This ratio was ~2 in control chambers but transitioned to 1 in predator-exposed
chambers, reflecting the change from hemispherical to columnar cell groups (Figure 3D). The
distribution of neighborhood volume fraction for predator-exposed biofilms showed a pronounced
shift toward high values in the range of 0.8, the critical cutoff identified above for protection from
predator attack (Figure 3C). This shift occurred within the first 16 hours after predator exposure
(Figure S3A-C). In chambers with predators introduced, the space around large clusters was mostly
unoccupied, presumably due to killing by B. bacteriovorus, which contrasted sharply with control
chambers in which areas surrounding cell clusters were occupied by nascent biofilm clusters or cell
monolayers (Figure S3D,E).

B. bacterivorous exposure alters biofilm surface structure and allows infiltration by newly arriving
bacteria
An additional observation from our long-term imaging experiments was that among biofilm
clusters which survive predator-exposure, their outermost layers – which remained susceptible to
B. bacteriovorus – look to be more loosely packed than those of biofilms in the control condition
(Figure 3B). Cell packing in the exterior of biofilms is an important element of a community barrier
function in V. cholerae and other microbes, which protects against intra- and inter-specific
infiltration37,52. Typically, V. cholerae biofilms rarely allow for successful surface colonization by
other bacteria, and they are extremely resistant to infiltration into their interior37,52. The packing
architecture that confers this protection is a result of cell-matrix and cell-cell interactions which
altogether form the basis of structural strength in their biofilms. We hypothesized that by killing a
fraction of cells in the biofilm exterior layer, B. bacteriovorus partially compromises this packing
architecture, perhaps rendering them less resistant to entry by other bacteria including conspecific
or heterospecific competitors. To test this idea, we once again grew V. cholerae biofilms for 48
hours and subjected them to B. bacteriovorus. 48 hours later, we introduced new competitors to the
environment in the form of an isogenic V. cholerae strain that produced a different fluorescent
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protein than the resident biofilm, so the two could be distinguished from each other and the
predatory cells.
In control chambers without predator exposure, resident biofilms blocked invasion of
newly introduced cells, as seen previously37 (Figure 4A). In contrast, predator-exposed biofilms
permitted substantial infiltration of competitors past their outer boundaries (Figure 4B-D).
Quantifying these results by image analysis, invasion of invading competitors into predatorexposed biofilms was ~40-fold greater than for control biofilms (Figure 4E). Areas of resident
biofilms with many B. bacterivorous cells present also appeared to have a higher density of
invading cells (Figure 4C,D). Analyzing these data at finer spatial resolution, we found a linear
correlation between the number of invading cells present in a given location as a function of how
much predation that location had experienced (Figure 4F). This outcome is consistent with our
hypothesis that B. bacteriovorus predation disrupts local biofilm architecture and renders it more
openly exposed to entry by other cells. Importantly, we could show that the same qualitative pattern
applies to colonizing cells of other species: E. coli was blocked from invading the interior of V.
cholerae biofilms unexposed to predation, but they were able to enter biofilms that had been preyed
upon (Figure S4). In this respect B. bacteriovorus not only alters the structure of the outermost
biofilm front but also changes the ecology of biofilm assembly as new and potentially competing
(but-non-predatory) cells enter the system.
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Figure 4. bacteriovorus exposure on the periphery of V. cholerae biofilm clusters renders them
susceptible to infiltration by other bacteria. (A) In the absence of predator exposure, V. cholerae
biofilms are highly resistant to invasion by conspecific cells. The resident biofilm is shown in red,
and invading cells are shown in yellow. (B) Resident biofilms that have been exposed to predation
by B. bacteriovorus (blue) have a more loosely structured periphery, and as a result, invading
conspecifics are able to enter well past the outer boundary of the resident biofilm. (C) Image of the
predator bacteria (blue) and (D) invading conspecific cells (yellow) distributed in the outer resident
biofilm layers (resident biofilm in grey). (E) Measurement of the differences in total invading cell
biovolume across the whole biofilm, in the absence or presence of B. bacteriovorus. (F) Within
biofilms exposed to predation, the degree of invasion within any given local area scales linearly
with the degree of predation in that area.
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Predator-prey interactions in the context of microbial biofilms are almost certainly
widespread in nature; we are only in the early stages of understanding the micrometer-scale
processes that determine the outcome of these encounters, the underlying molecular mechanisms
of these encounters, and the consequences for microbial ecology and evolution. Major steps
forward have recently been made to understand phage-biofilm interaction32,52,55,80, and landmark
papers have begun to characterize predation by larger protist predators and cells of metazoan
immune systems at high resolution46,81–83. B. bacteriovorus, a ubiquitous threat to prey bacteria, has
been investigated interacting with biofilms, but primarily via macroscopic assays61,63. Here we
build on this foundation with the first high-resolution live imaging and analysis of B. bacteriovorus
preying upon biofilms of V. cholerae. The V. cholerae cell-cell packing threshold that we
discovered, past which predators are not able to access their prey, reveals novel insights into the
mechanisms of biofilm architecture maturation, and it leads to fundamental transformations of
biofilm micro-landscape structure and community assembly. These transformations suggest that
bacterial predators can act as key modulators of community dynamics, and uncovering how these
predators influence more complex biofilms containing multiple prey species is a critical area for
future work.
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3.3 STAR Methods

Resource Availability
Lead Contact
More information regarding the resources and reagents used in this study should be directed to
the lead contact, Carey Nadell (carey.d.nadell@dartmouth.edu)
Materials availability
All plasmids and reagents generated in this study are available upon request to the lead contact,
Carey Nadell.
Data and code availability
All raw data generated for this paper are available upon request to the lead contact, Carey Nadell.

Experimental model and subject details
Prior to experiments, V. cholerae and E. coli strains were grown overnight in lysogeny broth
medium (LB) in a shaking incubator at 37oC. B. bacteriovorus were obtained via co-culture using
E. coli WM 3064 as prey; these co-cultures were incubated at 30 °C for 24 hours, and predators
were purified by filtration using 0.45-μm Millex pore-size filter (Millipore, Billerica, MA, USA)
in order to remove any remaining prey debris. B. bacteriovorus was washed by centrifugation
(13,000 rpm for 45 min) and resuspended in fresh buffer to reach a final concentration of ~5x109
PFU/ml. B. bacteriovorus cultivation and isolation protocols have been described in additional
detail previously84. Standard molecular cloning techniques were used to construct the strains used
in this study. Modifications to V. cholerae were made using E. coli strain S-17-λpir carrying the
allelic exchange vector pBW1 as previously described22. Antibiotics and reagents used for counter
selection were used at the following concentrations: 100µg/ml ampicillin, 50µg/ml kanamycin,
50µg/ml polymyxin B, 5% sucrose. All reagents were obtained from Millipore Sigma unless
otherwise stated. All biofilm experiments were performed in M9 minimal medium, with the
addition of 2 mM MgSO4, 100mm CaCl2, MEM vitamins, 0.5% glucose, and 15mM
triethanolamine (pH 7.1).

98

Method details
Microfluidic assembly
Poly-dimethylsiloxane (PDMS) was used to cast microfluidic chambers using standard soft
lithography techniques85,86. The chambers were bonded to #1.5 coverslips measuring 36mm by 60
mm (WxL). The chambers used for this study had dimensions of 3000µm x 500µm x 75µm
(LxWxD). In order to run media through these chambers, 1mL of M9 with 0.5% glucose was loaded
into 1mL BD plastic syringes. 25-gauge needles were affixed to the syringes and #30 Cole Palmer
PTFE tubing with an inner diameter of 0.3mm was placed over the end of the needle. The other
end of this tubing was then placed into pre-bored holes in the microfluidic devices. An additional
length of tubing was run from the auxiliary channels in the device to a vacuum line, which
prevented bubbles from entering the system. Syringes were mounted to Pico Plus Syringe Pumps
(Harvard Apparatus)

Biofilm growth conditions and matrix staining
Biofilms were grown in microfluidic chambers that were fabricated as described above. Overnight
cultures of V. cholerae were back-diluted into M9 minimal medium with 0.5% glucose and allowed
to re-enter exponential phase (OD600 = 1.0) to acclimate to the media conditions used for biofilm
growth (M9 minimal media with 0.5% glucose). These cultures were inoculated into chambers
without flow to allow surface colonization for 1 h. After this period, a flow rate of 0.2µL/min was
established for the remainder of the experiment. All experiments were performed at room
temperature. For matrix staining experiments in which V. cholerae harbored an N-terminal fusion
of 3xFLAG to RbmA, a monoclonal anti-FLAG antibody conjugated to a Cy3 fluorophore added
to the influx medium at 1µg/ml.

Introduction of predators and invading competitor bacteria
Introduction of predators was performed in a similar fashion to the method used for initial chamber
inoculation with V. cholerae. B. bacteriovorus (OD600=1.0; ~2.5x109 PFU/mL) was inoculated into
the system by gently removing the sterile media inlet tubing and introducing 20µL of B.
bacteriovorus chambers via micropipette. The media tubing was then returned to its position, and
flow was resumed 30 minutes after introduction of predators. For experiments in which biofilms
were challenged with either invading V. cholerae or E. coli, a similar regime was carried out.
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Overnight cultures of V. cholerae or E. coli housing a different fluorescent protein than the resident
biofilms were diluted to an OD600 of 1.0 and then inoculated into the chambers. Tubing was
replaced and flow was resumed 30 minutes after introduction of the invading strain.

Microscopy and image analysis
Imaging of the biofilms was performed with a Zeiss LSM 880 laser scanning confocal microscope,
fitted with a 40x /1.2 N.A. water objective or a 10x/ 0.4 N.A. water objective. A 488-nm laser line
was used to excite the GFP produced constitutively by B. bacteriovorus. To Image V. cholerae, a
594-nm laser was used to excite mKate2 in the resident strain, and a 543-nm laser was used to
excite mKO-κ for the invading strain. For experiments in which RbmA matrix was imaged, the
543-nm laser was used to excite the Cy-3 fluorophore conjugated to the anti-FLAG antibody used
for RbmA immunostaining. Microscope hardware was controlled by the native Zeiss Zen Black
software. To obtain data for image analysis, several image stacks were taken at independent
locations within different chamber replicates. These image stacks were then analyzed using the
BiofilmQ framework. A detailed explanation of BiofilmQ is developed in a dedicated publication87.
3D renderings were created by first using the VTK output feature present in BiofilmQ. These files
could then be processed in ParaView and rendered using Osprey ray tracing.

Experimental Design
All experiments were carried out with n independent biological replicas, with sample sizes for each
experiment noted in the respective figure legends; all data were processed and analyzed using the
BiofilmQ framework as noted above. In each replicate, the number of individual bacteria is
variable, as biofilm size can vary between chambers. Blinding of these replicates does not apply,
and no data were excluded from the study.

Quantification and statistical analysis
Logistic regression (generalized linear models with binomial errors in R version 4.0.288) was used
to analyze data in Figure 2 to assess how local matrix accumulation, local biovolume fraction,
and neighborhood biovolume fraction contributed to the probability of predation for WT and
matrix hyper-secreting biofilms of V. cholerae (See Tables S1 and S2 with accompanying
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discussion). For these analyses, the degree of overlap between B. bacterivorous and V. cholerae
in each unit of the 3-D grid was transformed into a binary variable, with 0 indicating no overlap
(predation absent) and 1 indicating some overlap (predation present). Variance inflation factors
were calculated to test for problematic collinearity among predictors89, of which none was found.
Kolmogorov-Smirnov tests were used for comparisons of frequency distributions in the
Supplemental Information. Wilcoxon signed ranks tests were used for pairwise comparisons of
microcolony area in different biofilm landscapes in Figure 3, as well as the differences in the
biovolume of invading individuals in Figure 4. For all data sets, sample sizes are stated in each
corresponding figure legend.
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Figure S1. 3-D rendering and analysis of predation exposure in V. cholerae biofilms, related
to Figure 1. (A) Larger groups of prey, repleted with matrix and densely packed, are protected
from prey exposure (left), whereas smaller, less dense-packed groups are exposed to predation
(right). Isolated individual cells are highly exposed to predation (center). (B) Demonstration of how
biofilms were segmented and dissected into a cubic grid for analysis. Segmented biovolumes here
have been color-coded according to local biovolume fraction. (C) Local biovolume fraction
measures the proportion of space occupied by V. cholerae around a 1.5 µm shell around each V.
cholerae biovolume. (D) Neighborhood biovolume fraction measures the proportion of space
occupied by V. cholerae around a 6 µm shell around each V. cholerae biovolume. (E) The extent
of overlap (Manders overlap coefficient) describes the proportion of B. bacteriovorus signal that
overlaps with V. cholerae signal within any given cube. We refer to this metric in the main text as
‘degree of predation’. (F) Matrix secretion measures signal intensity of matrix fluorescence within
a 1 µm shell around each segmented V. cholerae biovolume. (G) Heatmaps for each parameter of
image cytometry analysis showing key differences between small and large matrix-positive cell
clusters of wild type V. cholerae. Raw images are shown at left with degree of predation, local
biovolume fraction, neighborhood biovolume fraction, and matrix secretion quantifications shown
to the right.
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Figure S2: Contribution of matrix secretion and neighborhood biovolume faction to
protection from B. bacteriovorus exposure. Related to Figure 2. (A) Distribution of the degree
of predation among all measured V. cholerae biovolumes as a function of local matrix
accumulation. (B) Distribution of the degree of predation among all measured V. cholerae
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biovolumes as a function of neighborhood biovolume fraction (n = 23 image stacks). Note that the
degree of predation drops to zero nearly as a step function relative to neighborhood biovolume
fraction. Wide view images of V. cholerae (C) wild type and (D) matrix hyper-secreting biofilms
2 hours after exposure to B. bacteriovorus predation. Resident V. cholerae cells are shown in red,
biofilm matrix is shown in yellow, and B. bacteriovorus is shown in cyan. (E) Neighborhood
biovolume fraction frequency distributions for biofilms of V. cholerae wild type (grey bars) and a
matrix hyper-secretor variant (purple bars). These distributions were found to be significantly
different via a Kolmogorov-Smirnov test, p<0.001. Note that matrix hyper-secreting mutants have
frequency distributions of cell-cell packing shifted toward higher values, allowing more biofilm
clusters to survive predator exposure. Both data sets were collected 2 hours post-exposure to
predators (n = 9 image stacks for each strain). Cells on the periphery of both wild type (F: raw
image, G: heatmap showing degree of predation) and matrix hyper-secreting V cholerae clusters
(H: raw image, I: heatmap showing degree of predation) were susceptible to attack by B.
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Figure S3. Time-resolved imaging of biofilms exposed to B. bacteriovorus predation reveals a
rapid shift toward high cell density clusters of V. cholerae. Related to Figure 3. Image stacks
were taken at 3 time points (A-C) following predator exposure (n = 15 per time point). The
neighborhood biovolume fraction distribution changes between the 0hr and 2hr timepoints were
not significantly different (Kolmogorov-Smirnov test, p=0.54). However, the neighborhood
biovolume fraction distributions between 0 and 16 hours were significantly different (KolmogorovSmirnov test, p<0.001). Views of entire microfluidic devices containing (D) V. cholerae biofilms
un-exposed to predation or (E) V. cholerae biofilms 48 hours after predator exposure.
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Figure S4. Colonizing E. coli (yellow) can also invade the interior of V. cholerae biofilms (red)
that have experienced B. bacteriovorus predation. Related to Figure 4. In the main text we
showed that newly arriving V. cholerae can invade the interior of biofilms preyed upon by B.
bacteriovorus. Here we show that the same principle applies to other species of invading cells. (A)
V. cholerae biofilms without predator exposure completely block invasion of E. coli cells into their
interior. (B) V. cholerae biofilms exposed to predation allow E. coli to invade into their interior.
(C) Quantification of the effects shown in (A) and (B) (*** denotes p<0.001; Wilcoxon signedranks test with n = 4).
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Parameter
Intercept

Estimate

SE

Z

p

VIF

3.58

0.064

55.65

<0.0001

-0.46

0.14

-3.29

0.001

2.43

-3.94

0.14

<0.0001

2.45

<0.0001

1.40

Model Predictions

Local
biovolume
fraction

Neighborhood
biovolume
fraction

Matrix
secretion

-3.5E-3

27.53

2.2E-

-

4

15.57

Table S1. Results and predictions from logistic regression of the probability of B.
bacterivorous predation in biofilms of V. cholerae wild type strain, related to Figure 2. We
performed logistic regression using the glm function with a binomial error distribution in RS1. The
dependent variable was a binary indicator of whether any overlap occurred between B.
bacterivorous and V. cholerae in a given unit of the 3-D grid described in main text. We ran
separate models for wild type and matrix hyper-secreting strain of V. cholerae, see Table S2 below.
Predictions shown below (± SE, grey shading) reflect the effect of each independent variable when
others are held at their minima. Variance inflation factors (VIF) < 4 indicate that collinearity was
not problematic in these analysesS2.
We note here that the neighborhood biovolume fraction has the largest impact on
decreasing predation probability; local biovolume fraction, by comparison, has little predictive
power. Local matrix accumulation has a modest impact on predicting predation probability.

118

Parameter
Intercept

Estimate

SE

z

P

VIF

2.91

0.084

34.59

<0.0001

-1.29

0.14

-9.25

<0.0001

2.21

-4.62

0.15

<0.0001

2.19

<0.0001

1.18

Model Predictions

Local
biovolume
fraction

Neighborhood
biovolume
fraction

Matrix
secretion

1.72E-3

6.8E5

29.87

25.19

Table S2. Results and predictions from logistic regression of the probability of B.
bacterivorous predation in biofilms of V. cholerae matrix hyper-secreting strain. Related to
Figure 2. We performed logistic regression using the glm function with a binomial error
distribution in RS1. The dependent variable was a binary indicator of whether any overlap occurred
between B. bacterivorous and V. cholerae in a given unit of the 3-D grid described in main text.
Predictions shown below (± SE, grey shading) reflect the effect of each independent variable when
others are held at their minima. Variance inflation factors (VIF) < 4 indicated that collinearity was
not problematic in these analysesS2.
We note here that the neighborhood biovolume fraction again has a dominating influence
on decreasing predation probability, as was the case for wild type biofilms analyzed in Table S1
above. One unexpected note is that in contrast to the analysis in Table S1, increasing local matrix
intensity registers in this analysis as just slightly increasing the probability of predation. This is
due to a matrix staining artifact that only presents for the matrix-hyper-secreting strain: although
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their biofilms produce RbmA throughout, immunostaining registers a stronger signal on the
periphery than in the interior of matrix hyper-secreting biofilm clusters (See Figure S2F,H above).
It is on these cluster peripheries that any predation of dense biofilm clusters occurs, which yields
the very slight increase in probability of predation with increasing local matrix signal in this
analysis.
References:

S1.

R Development Core Team (2020). R: A Language and Environment for Statistical
Computing. Version 4.0.2. Vienna, Austria. http://www.cran.r-project.org/

S2.

Fox, J., and Weisberg, S. (2019). An R Companion to Applied Regression, (Thousand
Oaks, CA: SAGE).
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4.1 Abstract
Adherence to surfaces and secretion of extracellular matrix, or biofilm formation, is common in the
microbial world, but we often do not know how ecological interaction at the cellular spatial scale
translates to biofilm community ecology. Here we explore an especially understudied element of
biofilm ecology, namely predation by the bacterium Bdellovibrio bacteriovorus. This predator can
kill and consume many different Gram-negative bacteria, including Vibrio cholerae and
Escherichia coli. V. cholerae can protect itself from predation within highly packed biofilm
structures that it creates, whereas E. coli biofilms are generally highly susceptible to B.
bacteriovorus. Here we explore how predator-prey dynamics are altered when V. cholerae and E.
coli are growing in biofilms together. We find that in dual species prey biofilms, E. coli predation
survival increases, whereas V. cholerae survival decreases. E. coli benefits from predator protection
when they become embedded within expanding groups of highly packed V. cholerae. But we find,
interestingly, that normal, ordered and highly packed biofilm structure of V. cholerae can be
disrupted if V. cholerae cells are directly adjacent to E. coli cells at the start of biofilm growth.
When this occurs, the two species become entangled, and the resulting disordered cell groups do
not block predator entry. Because biofilm cell group structure depends on initial cell distributions
at the start of prey biofilm growth, the colonization dynamics have a dramatic impact on the
eventual multispecies biofilm architecture, which in turn determines to what extent both species
survive exposure to B. bacteriovorus.
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4.2 Introduction
Most organisms do not naturally live in isolated monocultures but rather in communities composed
of many species, and microbes are no exception 1–4. Bacterial communities are present ubiquitously
including sinking detritus particles in aquatic environments, deep-sea hydrothermal vents,
rhizosphere habitats, animal digestive tracts, plant roots and shoots, fouling surfaces across human
industry, and many types of chronic infections 5–12. In many of these contexts, surface attachment
and growth in large cell groups, or biofilm formation, are important strategies for sequestering
limited space and nutrients, as well as protecting against common biotic and abiotic threats

.

13–18

Biofilms are small scale ecosystems encased in a wide range of secreted polymeric substances that
control cell-cell and cell-surface engagement19–25. The benefits of biofilm formation have been
examined in many contexts, showing their capacity for public goods sequestration, exclusion of
newly arriving competitors, predation protection, and antibiotic tolerance26–30. The precise costs
and benefits of biofilm formation vary across species, as do the multicellular architectures that
emerge from the combination of cell growth, matrix secretion, and environmental
feedbacks16,20,22,31–34. In what few cases have been examined, multispecies biofilms create structures
that may be distinct from those found in single species biofilms of the community constituents in
isolation35–37. Understanding the connections between biofilm architecture and microbial
community ecology at different scales remains an important area for ongoing work on numerous
topics, including cross-feeding relationships, diffusible and contact-mediated toxin antagonism,
resilience against antibiotics in therapeutic contexts, industrial and medical surface degradation,
and others38–43.
Predation within biofilms is a broad sub-class of microbial ecology that has received
relatively little attention with high resolution imaging and analysis. While many predators, such as
phages, can usually attack only a small number of prey species, the ubiquitous predator
Bdellovibrio bacteriovorus can be considered a generalist29,44–47. It is not known to rely on a specific
receptor for cell entry and can prey on a wide variety of proteobacteria8,46,48–50. However, the extent
of its predation on biofilm-dwelling target cells appears to vary widely between prey species, and
the mechanisms underlying this variability remain mostly unknown.
Studies using macroscopic measurement techniques have reported the susceptibility of
several biofilm-producing species to B. bacteriovorus predation29. Escherichia coli and
Pseudomonas fluorescens can be killed off completely by B. bacteriovorus in laboratory biofilm
culture, for example44. We recently documented a different outcome in Vibrio cholerae biofilms,
which can protect themselves from predator exposure via their highly packed cell arrangements
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that occur after the prey cell groups grow beyond several hundred cells28. Given that we have
examples of prey species whose biofilm structure protects them from B. bacteriovorus predation,
and other prey whose biofilms confer little or no protection at all, we were curious as to what would
happen to predator-prey dynamics in multi-species prey biofilm contexts. How often and to what
extent does the cellular architecture of the two species depart from what is normally observed in
monoculture? How do any of these changes influence the susceptibility of different prey species to
Bdellovibrio predation, and overall predator-prey population dynamics?
We chose two proteobacteria – V. cholerae and E. coli – to study these questions. Both
species have been isolated from biofilms in the same environments in proximity to humans, and
they have been documented to co-infect hosts51–55. Their respective biofilm formation mechanics
have also been very well characterized. V. cholerae forms dense, tightly packed cell groups with
radially aligned cell arrangements, whose structure depends on the matrix proteins RbmA, RbmC,
and Bap1, as well as VPS, its core exopolysaccharide20,21,33,56. We have demonstrated previously
that this highly packed cell group architecture is critical for protection from phages and B.
bacteriovorus attack28,30 . The cell packing required for predator protection does not occur
immediately as biofilm growth begins, though, leaving nascent V. cholerae microcolonies open to
predation. E. coli in contrast forms its biofilms with many different matrix components including
cellulose, polyglycolic acid, colanic acid, Type 1 fimbriae, flagellar filaments, and curli fiber
proteins57,58. E. coli matrix architecture, and curli protein in particular, have been shown to confer
protection against phage exposure, but other prior work has indicated even structurally mature E.
coli biofilms are not protected from B. bacteriovorus44,57. Here we use single cell resolution
microscopy to examine the structure of these two prey species in mono-culture and dual-culture
biofilms, finding that the multispecies context causes unexpected changes in biofilm architecture
that in turn alter predator-prey interaction and the overall population dynamics.

124

4.3 Results
Predation in dual-species prey biofilms has inverse fitness effects for V. cholerae and E. coli
We engineered V. cholerae, E. coli, and B. bacteriovorus to constitutively produce the fluorescent
proteins mKate2, mKOκ, and mGFP, respectively, so that they could be distinguished for live
confocal microscopy. Overnight cultures of the two prey species were diluted and re-grown to midexponential phase (OD600 = 0.5-0.7) before inoculating them at a 1:1 ratio into polydimethylxilosane microfluidic flow devices bonded to coverslip glass (see Methods). In parallel we
performed mono-culture experiments in which V. cholerae and E. coli were introduced to chambers
on their own. Cells were allowed to colonize the underlying glass surface in stationary conditions
for 1 h, after which M9 minimal media with 0.5% glucose was introduced into the chambers at 0.2
µL/min (average flow velocity = YYY µm/s). After 48 h of growth in co-culture, microcolonies of
both species could be found distributed throughout the chambers (SI Figure S1A), and prior to
exposure to B. bacteriovorus, the two prey species equilibrated at frequencies of approximately
80% V. cholerae and 20% E. coli (Figure 1A; SI Figure S1A). Following 48 h of prey biofilm
growth, we introduced B. bacteriovorus under continuous flow for 1h, followed by a return to influx
of sterile M9 media for both the dual culture chambers and the monoculture controls. When exposed
to B. bacteriovorus in a mono-species context, V. cholerae survives within cell groups that have
reached high cell packing (biovolume fractions of 0.8 and higher), as we have shown previously28.
48h following predator exposure, monoculture V. cholerae biofilms maintain net positive growth
(Figure 1A, B; SI Figure S1B). By contrast, and consistent with prior reports, E. coli biofilms in
monoculture exhibit little to no survival in the presence of B. bacteriovorus, with prey biomass
falling below detectable levels 48 h after predator introduction (Figure 1A,B; SI Figure S1C)29.
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Figure 1. B. bacteriovorus predations effect on V. cholerae/E. coli dual species biofilms.
Biofilms of V. cholerae (red) and E. coli (yellow) were grown for 48 hours prior to B. bacteriovorus
predator exposure (cyan) (A) population dynamics of each prey species in monoculture and dual
culture biofilm growth. (N=4) (B) Ratio of prey biovolume just prior to predator introduction to 48
hours after predator introduction. Comparisons of mono-culture growth and dual culture growth
for V. cholerae (n=10 and n=9, respectively) and E. coli (n=4 and n=9 respectively). P values
determined by Mann-Whitney U-test. (C-E) Representative images of dual-culture biofilm growth
and subsequent predation at 48h, +24h and +48h. Insets show successful bdelloplast formation in
both prey species and clearance over time.
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If B. bacteriovorus predates V. cholerae and E. coli independently of one another in dual
prey species biofilms, we would expect residual V. cholerae biomass and elimination of all E. coli
subpopulations, as seen in the prey monoculture experiments above. By visual inspection and
analysis of cell packing prior to predation, this did initially appear to be the case. Primarily large,
mature V. cholerae biofilms were the only cell groups surviving the introduction of predators
(Figure 1A-E SI Figure S1D/E). However, examining the population dynamics quantitatively, we
found a significant increase in E. coli survival and a significant decrease in V. cholerae survival
following predator introduction in the dual-species condition relative to the single species controls
(Figure 1A,B). These results imply nonlinear interactions between V. cholerae, E. coli, and B.
bacteriovorus, which alter prey population dynamics in a manner that the prey mono-species
controls cannot predict. Below we explore why E. coli fares better in dual-species biofilms against
predator exposure, and why V. cholerae fares worse, relative to their respective single species prey
conditions.

E. coli gains protection from predator exposure while embedded within V. cholerae cell groups
Prior to introduction of B. bacteriovorus predators, we noticed that the spatial distributions of V.
cholerae and E. coli in dual-culture prey biofilms were heterogeneous on scales of 10-100 µm, and
in many instances, there were groups of E. coli cells that had been enveloped by expanding colonies
of highly packed V. cholerae. 48 h following introduction of predators, virtually all surviving E.
coli were those embedded within packed V. cholerae microcolonies in this manner (Figure 2A;
Figure S2). As shown previously, V. cholerae biofilm clusters reach a cell packing threshold that
blocks predator entry and allows the interior cells to survive. E. coli enveloped within V. cholerae
groups that have reached this threshold appear to gain the predation protection conferred by V.
cholerae biofilm structure. To assess this point in more detail we quantified the extent of E. coli
predation and V. cholerae fluorescence in proximity to E. coli in these images, and these two
measures were clearly anti-correlated in space (Figure 2B,C). Furthermore, protection of E. coli
within V. cholerae cell groups was dependent on the high-density structure that wild type V.
cholerae creates. When the experiment was repeated with a mutant strain of V. cholerae that cannot
produce RbmA – a matrix component required for the tight cell packing found in mature biofilms
– B. bacteriovorus could freely enter and access both V. cholerae and E. coli (SI Fig S3A/B). In
this case, almost all cells of both species were killed off by the predators (SI Figure S3C).
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Figure 2. E. coli can be protected from predation by growing within V.cholerae biofilms
(A) Representative image demonstrating the ability of highly packed V. cholerae biofilms (red) to
protect E. coli biomass (yellow) from predation (cyan) (B) Heatmap of the degree of predation on
E. coli. Semi circles denote areas within highly packed V. cholerae biofilms (C) Heatmap showing
V.cholerae fluorescence within a 5um shell of E. coli
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Although E. coli cells embedded within V. cholerae biofilms gain predator protection, it
was not clear if they remain viable over longer time scales, or if they are able to subsequently
disperse to colonize downstream locations. If not, then the protection they gain from B.
bacteriovorus exposure within V. cholerae cell groups would not necessarily translate to fitness
gains during dispersal and recolonization of new locations. We explored this question by inducing
dispersal with an increased flow rate (see Methods) and allowing the two species to colonize new
microfluidic devices connected downstream from the initial chamber. In this new downstream
chamber, both species could be found attached and replicating. This outcome demonstrates that the
protected inclusions of E. coli cells within V. cholerae biofilms are viable and can successfully
disperse to colonize new spaces (SI Figure S4).
The predation protection gained by E. coli cell groups embedded within highly packed V.
cholerae biofilm clusters explains the increase in E. coli survivorship that we originally observed
in dual culture. We note however that the V. cholerae cells within these highly packed cell groups
are also protected from B. bacteriovorus predation, so the results so far do not yet explain why V.
cholerae survivorship declines in co-culture with E. coli under predation pressure.

Co-culture with E. coli can lead to breakdown of V. cholerae biofilm architecture
In the previous section we made note of highly packed V. cholerae microcolonies into which E.
coli had become embedded and gained protection from B. bacteriovorus exposure. These colonies
appear to behave in much the same way as mono-species V. cholerae biofilms, as they contain large
continuous groups of V. cholerae in their conventional radial alignment and tight packing, albeit
with pockets of E. coli included as well (Figure 3A, B). This growth pattern was not the only kind
that emerged in prey co-culture experiments, however: there was a second, qualitatively distinct
colony architecture in which V. cholerae and E. coli were homogenously mixed together (Figure
3A, C). These colonies were disordered in comparison with the radial alignment in conventional V.
cholerae cell groups, with visibly reduced cell packing density. B. bacteriovorus could enter
throughout these disordered cell groups, gaining access to and killing most or all V. cholerae and
E. coli cells within them (Figure 3A,C).
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Figure 3V. cholerae and E. coli exhibit two distinct joint biofilm morphologies in co-culture that strongly
affect B. bacteriovorus predation susceptibility. (A) Representative image of both biofilm dual species cell
group types, which can occur in close proximity. The structure we term ‘ordered’ more closely resembles the
architecture V. cholerae produces on its own and is shown on the lower left in this image. The novel, wellmixed structure, which we term ‘disordered’, is shown on the upper right. (B-C) Additional higher
magnification images detailing the architecture of ordered and disordered colony morphologies. (D) Heatmap
of the combined two species neighborhood cell packing values for the image in panel A. (E) Scatterplot of
the degree of predation on V. cholerae as a function of the fluorescence of E.coli in proximity to V.
cholerae biomass. The data are split according to whether they are from ordered architecture colonies (n =
11), or disordered colonies (n = 9). (F) Mean within-species cell packing for V. cholerae (red) and E.
coli (yellow) in cell groups of each structure type (ordered n = 11; disordered n = 9). Pairwise comparisons
were performed by Mann-Whitney U-test. (G-H) Full frequency distributions of within-species cell packing
for (G) V. cholerae and (H) E. coli within each cell group type.
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To study the differences between the conventional and disordered colony structure in more
detail, we isolated examples of each for further analysis (Figure 3B,C). The relative abundance of
V. cholerae looked to be somewhat lower in disordered colonies (Figure 3B,C, see also next section
for quantitative detail). The combined cell packing of the two species together was indeed
diminished in disordered colonies (Figure 3D), falling below the threshold (biovolume fraction
~0.8) necessary for predation protection in conventional V. cholerae colonies28. An alternative but
not mutually exclusive factor for predation susceptibility for V. cholerae could be abundance of E.
coli in their immediate vicinity. However, measurements of the relationship between V. cholerae
predation and local abundance of E. coli in the two colony types clearly shows that overall colony
structure is the dominant factor controlling the extent of predation by B. bacteriovorus (Figure 3E).
A similar reciprocal analysis of E. coli predation as a function of colony type and local abundance
of V. cholerae gave the same outcome (Figure S5). The shift in architecture between conventional
and disordered microcolonies also appeared to be driven entirely by the loss of V. cholerae’s ability
to produce highly packed clusters, as it normally does on its own. Supporting this interpretation, V.
cholerae within-species cell packing with respect to itself (in contrast with combined cell packing
of the two species together noted in (Figure 3D) shifted dramatically between conventional versus
disordered microcolony types (Figure 3F,G). E. coli within-species cell packing, on the other hand,
was the same in conventional versus disordered cell groups (Figure 3F,H).
Our results thus far indicate that in mixed prey biofilms of V. cholerae and E. coli, a fraction of the
E. coli becomes engulfed within V. cholerae cell groups with conventional high packing structure
that protects both species from B. bacteriovorus. This observation explains the improvement in E.
coli predation survival in dual culture relative to monoculture biofilms. On the other hand, a fraction
of the V. cholerae population becomes trapped with E. coli in well-mixed colonies that fail to
develop this species’ normal packing structure, instead growing into disordered, loosely assembled
groups that are fully susceptible to predation. This observation clarifies why V. cholerae predation
protection declines in biofilm co-culture with E. coli.
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Mixed species microcolonies follow distinct trajectories depending on surface colonization
conditions
To better understand how the highly packed versus disordered dual-species colonies originate, we
ran new experiments tracking biofilm growth at 1 h intervals from the initial stages of surface
colonization to the maturation of clusters containing hundreds of cells at 48 h (SI Movie S1).
Examples of the two microcolony types were found by visual inspection at 48 h and then traced
back to their 0 h initial condition (9h post inoculation) (Figure 4 A,C; SI Movies S2,S3). It should
be noted that the distribution of colony types appears to be random across the device and does not
suggest that any microenvironmental factors determine which type arises (SI Figure S6). The two
colony types could also be reliably distinguished by their combined cell packing, which was
systematically lower in the core regions of disordered colonies (Figure 4B,D). The two colony
structures were also consistently different in total biovolume and species composition, with
conventional high-packing cell groups growing to larger population sizes and containing higher
relative abundance of V. cholerae compared to E. coli (Figure 4 E,F).
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Figure 4. Time resolution imaging from the point of single cell attachment reveals the
determinants of dual-species colony morphology. (A/C) three dimensional renderings of colony
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growth for conventional (A) and disordered (C) morphologies at 3 distinct times (early, middle,
late). (31μmX31μmX14μm)(LxWxD). (B/D) Heatmaps showing the combined two species cell
packing at 36 hours for conventional (B) and disordered (D) biofilms. (E-G) longitudinal tracking
of different key parameters in biofilm growth across independent colonies; Biovolume (E), V.
cholerae frequency (F) and distance to nearest E. coli (G). (N=8). (H) Comparison of Distance to
nearest E. coli between biofilm types at the start and end of imaging. P value comparisons were
made using Mann-Whitney U tests with a Bonferroni correction (N=8). (I) three dimensional topdown view of a V. cholerae cluster as it develops its high density ordered cell front (19-24h)
(31μmX31μmX14μm)(LxWxD). (J) Combined cell packing values of each colony type over time.
Red dashed lines denote the start and end of the representative images in figure 4I.
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Though the two microcolonies architectures could be quantitatively separated in many
respects, the mean distance between V. cholerae and E. coli cells was the most pronounced factor
at the 0 h time point that differentiated between highly packed versus disordered microcolony
outcomes (Figure 4G;SI Figure S7). The two cell group types in fact begin and remain on different
trajectories with respect to V. cholerae-E. coli distance across all replicate colony time series
acquisitions. V. cholerae that produced conventional, highly packed architecture were on average
8 µm away from the nearest E. coli cell at early time points, while those that became disordered
clusters were only 1 µm from the nearest E. coli cell at early time points (Figure 4G,H). This
observation suggests that the colonization conditions at the beginning of biofilm growth, just as
surface-attached cells are just starting to divide in place, are crucial for the eventual consolidation
of V. cholerae packing architecture.
Reviewing the data obtained from time series of the two dual species colony structures, we
also noted an important transition that occurs in conventional high-packing V. cholerae cell groups.
In our culture conditions at ~19-26 h, a core region of highly packed V. cholerae cells is nucleated
(Figure 4I), creating a secondary front of structural consolidation that lags behind the outermost
growth front in which cell packing is lower (Figure 4B). This secondary front has been observed
previously , and it corresponds to the region of high enough cell density to provide predator
protection20,21,59. In disordered colonies containing well-mixed V. cholerae and E. coli, the
nucleation of this high-density core never occurs. This difference between the two microcolony
types can be tracked quantitatively via the cell packing of the inner core of each sample (Figure
4J). In conventional colonies, once the highly packed core was initiated, it was stable over time.
Interruption of this core nucleation process only occurred if V. cholerae and E. coli were inoculated
close together. Allowing V. cholerae to grow on its own for 48h, followed by invasion of E. coli
into the biofilm environment, never led to any observable disruption of highly packed V. cholerae
groups. In this scenario, E. coli was excluded from pre-formed V. cholerae colonies and completely
susceptible to predation if B. bacteriovorus was later introduced (SI Figure S8).
Our results here highlight critical points for the production of V. cholerae biofilm structure
with its characteristic packing and cell alignment architecture20–22,27,59, which in turn are necessary
for protection from B. bacteriovorus28. If V. cholerae cells are sufficiently isolated during early
biofilm, they can grow, divide, and secrete biofilm matrix components that effectively coordinate
their normal architecture. However, if V. cholerae cells are too close to E. coli at the start of biofilm
growth, the two species become entangled in the process of growth and division in a manner that
interrupts the longer-term production of cell group architecture that V. cholerae normally produces
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on its own. In line with this model, it is possible that V. cholerae’s matrix components are being
misappropriated in a disordered colony. We have preliminary evidence suggesting that this could
be happening for rbmC; as there is positive immunofluorescence signal surrounding E. coli cells(SI
figure S9B/D). Although encased, this matrix alone does not appear to provide any benefit to E.
coli regarding predation protection (SI figure S9A). While the distribution of matrix components
across multispecies biofilms has received little characterization, the complexity of possible
interactions between all components remains an area for future investigation that is beyond the
scope of this study.
As highly packed V. cholerae cell groups are protected from B. bacteriovorus, while
disordered colonies are not, our observations lead to the prediction that initial surface colonization
conditions, via their impact on the relative proportion of highly packed versus disordered dual
species colonies, can dramatically impact the population dynamics of predator-prey interaction.

Surface colonization strongly impacts population dynamics via its influence on biofilm architecture
Our results above suggest that the average distance between V. cholerae and E. coli cells
at the start of biofilm growth should directly determine the relative occurrence of highly packed V.
cholerae groups that incorporate pockets of E. coli as they expand, as opposed to disordered dualspecies cell groups. In this sense the initial surface coverage should indirectly determine the overall
impact of predation on survival of both species via its direct impact on colony structure
development. We tested this prediction by inoculating two sets of two-species chambers with
relatively low or high surface colonization density (20% versus 60% surface coverage, respectively,
SI Figure S10). Low or high initial density alters the average distance between V. cholerae and E.
coli cells (SI Figure S10), in turn leading to large volumes of highly packed V. cholerae colonies
containing small numbers of E. coli (low initial density), or almost exclusively disordered, mixed
colonies containing homogeneously distributed V. cholerae and E. coli (Figure 5A/B). As
anticipated, low versus high initial surface occupation led to different population dynamical
outcomes after the introduction of B. bacteriovorus. In the low initial density condition, the
majority of V. cholerae, as well as the smaller groups of E. coli embedded in their packed
microcolonies, survive predator exposure (Figure 5C/E-F). By contrast, in the high initial density
conditions predominated by disordered groups of V. cholerae and E. coli, almost the entire dual
species prey community is killed off following the introduction B. bacteriovorus (Figure 5D-F).
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Figure 5. Modulation of initial surface colonization density leads to distinctly different
community outcomes. (A/B) Representative image sets of the low density (A) and high density
(B) arenas at initial surface colonization through 96 hours post predator introduction. (C/D)
biovolume dynamics of the low-density arena (C) and high-density arena (D) (N=4). (E)
comparison of ratios between pre predation biovolume and 48hrs post predation biovolume (N=5).
P values were determined by Mann-Whitney U tests with a Bonferroni correction.
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4.4 Discussion
Exploration of multi-species communities using live high-resolution imaging is uncommon thus
far in biofilm research11,13 , but such studies will be crucial in the future for understanding microbial
ecology at the microscale. Here we tracked the spatial population dynamics of the bacterial predator
B. bacteriovorus in dual-species prey biofilms of V. cholerae and E. coli, finding that the survival
rates of both prey species are substantially altered, but in opposite directions, when they are
growing together. V. cholerae produces biofilm cell clusters that reach a cell packing density
threshold past which B. bacteriovorus cannot enter, protecting the prey within. E. coli can become
enveloped within these highly packed structures, co-opting predator protection from V. cholerae
and increasing E. coli survival relative to when growing on its own. By contrast, in dual species
biofilms, a fraction of V. cholerae becomes entangled with E. coli early during microcolony growth,
leading to an alternate structure that is homogeneously mixed, disordered, and loosely packed.
These disordered cell groups do not block predator cell entry, and all prey within them are killed
by B. bacteriovorus. As a result of these biofilm structural dynamics, V. cholerae survival decreases
in co-culture with E. coli relative to when growing on its own. At any given location, which of
these two alternative cell group structures emerges depends on the initial distance between V.
cholerae and E. coli cells that have attached to the underlying surface. As a result, surface
colonization density determines the relative occurrence of predation-protected cell groups versus
susceptible cell groups, and therefore the overall rates of B. bacteriovorus predator survival for
each prey species.
This study makes explicit that the cellular arrangement and tightly packed structure of
clonal V. cholerae groups can operate as a type of public good that confers predator protection to
the cells within (among many benefits 23,23,26–28,57,60–63 ). Other species – here, E. coli, whose monospecies biofilms are susceptible to B. bacteriovorus – can take advantage of this protective
architecture when small groups of them become embedded within the expanding, highly packed
biofilms of V. cholerae. However, if too many E. coli cells are present in close enough proximity
to V. cholerae at the start of biofilm growth, then V. cholerae cannot initiate the production of its
cooperative architecture. As a result, the public good benefit of predation protection completely
breaks down in that location. It is notable that the spatial architecture of biofilm-producing bacteria
can manifest as a public good that is exploitable across species in this manner. In this case the
stability of V. cholerae cooperative architecture depends on the initial surface population density,
which determines whether V. cholerae cell lineages have enough space to nucleate the fully mature,
highly packed core regions of expanding biofilm clusters before encountering cells of other species.
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Though distinct in mechanistic detail, this example should fall under related social evolution
principles as other kinds of microbial cooperation that provide benefits in a distance-dependent
manner. Recent work has highlighted in detail how the population dynamics and evolutionary
stability of this class of cooperative behavior depends spatial range over which cooperative
products are shared, population composition, spatial cell arrangement during early biofilm
growth26,27,60,63–65 .
The interplay of V. cholerae, E. coli, and B. bacteriovorus in co-culture emphasizes that
the population dynamics of different species in a community can depend quite strongly on the
cellular resolution details of biofilm structure, which in turn can differ in unexpected ways between
mono-species and multi-species systems. In recent years microbiologists have made tremendous
strides in understanding the cellular and molecular nuances of biofilm architecture and their
relationship to microbial ecology and evolution31,42,66–68 .. By necessity for tractability in many
cases, much of this work has focused on one species at a time. Our experiments here highlight how
new and interesting questions about the drivers of biofilm structure, and the relationship between
biofilm structure and community ecology, can arise from modest increases in complexity with
multi-species systems. Where prior studies have analyzed multispecies biofilms at high resolution,
they have also indicated important consequences for community structure and environmental
impacts11,12,15,35,36,69–73 . A notable recent example examined the detailed structure of multispecies
biofilm communities growing as plaque associated with dental caries35 . Kim et al. showed that
Streptococcus mutans forms consistent spatial arrangements in biofilm co-culture with other oral
microbiota species. In this case, S. mutans consistently produce core clonal regions, around which
form layers of non-mutans streptococci followed by non-streptococci. The metabolic activity of S.
mutans within the inner regions of these multispecies biofilms caused low local pH that could
recapitulate the rapid demineralization of enamel that occurs during development of caries. The
spatial structure examined here emphasizes how the spatial organization of communities with
apparently similar diversity can manifest vastly different behaviors.

.
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Our system in particular utilized predation by B. bacterivorous as a top-down pressure
against multi-species biofilm growth. Bacterial predation on biofilm has also been understudied at
this resolution and it’s clear that insights from this approach yield fruitful understanding of how
bacterial predators can affect a community. B. bacteriovorus has been suggested as a possible antimicrobial therapeutic agent because bacteria have difficulty evolving resistance against their
predation. However, many infection contexts are polymicrobial in nature and exhibit surface
attached modes of growth. As shown above, the structures that these polymicrobial biofilms create
may lead to altered susceptibility profiles of the bacterial species present. An understanding of these
structures in their infection contexts should be the aim of further research to better inform the use
of anti-microbial agents, predators or otherwise.
These predators also emphasize how the architecture of polymicrobial biofilms can
drastically change the dynamics of a bacterial community. Typically, community assembly is
thought to be determined by a number of classical factors. These include resource abundance,
predation, interbacterial antagonism, and many others. The dual-species architectures here outline
that the spatial organization of a community can also have profound effects on the assembly and
outcome74. In this case, low densities allow V. cholerae to dominate but both species continue to
survive past predation as a result of cholera’s biofilm architecture. At high densities when the
morphology changes, both species are cleared, leaving new space for future bacteria to colonize.
This architectural change is the critical determinant between cohabitation and clearance. From the
perspective of the predator, these landscape differences also have lasting consequences. While the
effects of prey composition of bacterial predators has been examined before in planktonic
environments, the organization of species on surfaces can also impact the total abundance of
predators75. Surface colonization of prey in turn affects predator access, which creates changes in
the number of predators available in the future. There has been quite a bit of work done focusing
on multiple prey-predator interactions in the broader field of ecology. These studies also emphasize
how population distributions and behaviors can affect predator accecibility and success74,76,77. By
tapping into this depth of current ecological understanding, the field of microbiology can take new
approaches for better comprehension of the communities they study.

In summary the complexity of a community increases nonlinearly with the addition of each
species. Even in surface associated contexts bacteria can encounter many diverse species each with
their own unique biology. We have shown that biofilm architecture alone can vary between the
same two bacteria depending on context. Understanding how spatial distribution of a community
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informs its ecology is critical for progress in the field and a better interpretation of microbial
dynamics.
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4.5 Materials and Methods
Microfluidic assembly
Microfluidic chambers for biofilm growth were created out of PDMS using standard soft
lithography techniques78,79. Each polymer chamber was then bonded to a #1.5 36mm by 60mm
glass coverslip by using a plasma cleaner. Biofilm growth chambers in this study measured 3000μm
x 500μm x 75 μm (LxWxD). Flow was created using a pico plus syringe pump pushing 1ml BD
plastic syringes. These syringes had 25-gauge needles affixed to them that were fitted with #30
Cole Palmer PTFE tubing with and inner diameter of 0.3mm. These tubing lines were then placed
into the inlet and outlet holes of the device. Additional tubing was placed into chambers
surrounding the growth chamber and attached to a vacuum line to prevent air from entering the
growth chamber.

Bacterial culture conditions
V. cholerae and E. coli strains were all grown overnight in lysogeny broth (LB) in shaking culture
conditions at 37oC. B. bacteriovorus stocks were obtained via co-culture with prey and filtering as
described previously.

Biofilm growth and matrix immunofluorescence
To introduce bacteria to the microfluidic device, overnight cultures of V. cholerae and E. coli were
taken and diluted to a final OD600 of 1 and inoculated into the chamber via micropipette. The
device was then left to rest for 1 hour without flow to encourage surface colonization. M9 minimal
media with 0.5% glucose was then placed into the syringes and set to a flow rate of 0.2μl/min. For
experiments involving multiple species, cultures were OD600 equalized to one and then mixed at
a ratio of 1:1 just prior to inoculation. Immunofluorescence staining experiments would start with
M9 media containing 1μg/ml Cy3 conjugated anti-FLAG that would be present throughout the
entire experiment.

Bacterial predator introduction and invading bacterial introduction
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To introduce bacterial predators, B bacteriovorus were equalized to an OD600 of 1 using M9 with
0.5% glucose. These cultures were then loaded into 1ml syringes. At the time of predator
inoculation, the tubing containing sterile media was swapper for the predator containing media and
flow was resumed at 0.2μl/min. After one hour of flow, the tubing was again swapped back to an
influx for sterile M9 with 0.5% glucose. For the introduction of invading E. coli, cultures were first
concentrated to an OD600 of 5 prior to inoculation and loaded into 1ml syringes. A similar tubing
swap was performed as described above and E. coli flow was allowed to continue for 24 hours.
After 24 hours tubing was removed, and sterile media flow resumed. Predators were then
introduced in the same manner as described above for 1 hour.

Bacterial dispersal and re-colonization
To dislodge existing bacterial biofilms, the flow rate of the microfluidic devices was changed to
the maximum of 100 μl/min. Effluent from this period was then flowed into a new microfluidic
device and high flow was allowed to continue for 5 minutes. After this period, the old device and
tubing was disposed of and the sterile media was introduced to the new device at a flow rate of
0.2μl/min.

Microscopy and image analysis
Imaging was performed on both

Zeiss LSM 880 and LSM 980 laser scanning confocal

microscopes. Both Scopes were fitted with a 40x/ 1.2 N.A. water objective and a 10x/ 0.4 N.A.
water objective. 488nm, 543nm, and 594nm laser lines were used to excite the fluorescent proteins
GFP, mKOk and mKate2 respectively.Experiments involving immunostaining or high time
resolution were performed on the LSM 980. All other experiments utilized the LSM 880. The
hardware was controlled by ZEN Black for the 880 and ZEN blue for the 980. To obtain data for
image analysis, several image stacks were taken across biological replicates in independent
chambers. Prior to export, the channels were subjected to linear unmixing and constrained iterative
deconvolution (Poisson likelihood, Zero order regularization, Newton Raphson optimization,
maximum 40 iteration, 0.1% quality threshold, scalar theory PSF generation)in ZEN blue. These
images were then exported and analyzed using BiofilmQ. Three dimensional renderings of certain
figure images were performed via VTK export from biofilmQ and subsequent rendering in
ParaView. Renderings were created using the OptiX pathtracer ray casting.
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Quantification and statistics
Biofilms were segmented using the image analysis framework BiofilmQ80. Briefly, biofilmQ
denoises image data and segments biovolume into pseudo-cell cubes that can be used for image
cytometry data analysis. Files were imported Directly from ZEN. For population level experiments,
total biovolume of each species was tracked. For data involving micro-scale architecture, only 40x
data were used and were segmented into cubes with a volume of 2.06μm3. Cell packing was
determined using a local density calculation with a diameter of 6μm. Degree of predation was found
using a Mander’s overlap calculation between the prey species and the B. bacteriovorus. This
parameter operates primarily as a binary checking for overlap between Predator and prey
biovolume. If any amount of predator signal is detected within prey signal, the degree of predation
will be above 0. Shell calculations with a 5 and3μm radius were used to measure fluorescent counts
of surrounding V. cholerae cells or surrounding matrix concentrations respectively. This shell
surrounds the biovolume of a channel and checks for fluorescent signal in the immediate vicinity
of biovolume. For pairwise comparisons, Mann-Whitney U-tests with a Bonferroni correction were
performed. Comparison of frequency distributions relied on a Kolmogorov- Smirnov test.
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Reagent or Resource
Antibodies
Cy3 conjugated anti-FLAG
Bacterial Strains and Viruses
E coli AR 3110, lacZ:Ptac-mKO-κ
B. bacteriovorus 109J, PMQ581,
gfpmut3
V. cholerae N16961 rbmA-3xFLAG,
lacZ:Ptac-mKate2
V. cholerae N16961 rbmC-3xFLAG,
lacZ:Ptac-mKate2
V. cholerae N16961 bap1-3xFLAG,
lacZ:Ptac-mKate2
V. cholerae N16961 rbmA-3xFLAG,
lacZ:Ptac-mKO-κ
V. cholerae N16961, lacZ:PtacmKate2 ΔrbmA

Source

Identifier

Millipore-Sigma

Cat#A9594

This study

Strain CNE 689
Strain 109J

108

Strain CNV 116

108

Strain CNV 117

108

Strain CNV 119

108

Strain CNV 121

108

Strain CNV 127

Table S1: strain list
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4.7 Supplemental information

S1 pre and post predation dynamics of mono and dual species V. cholerae and E. coli
biofilms
(A) Image of Successful cohabitation of a microfluidic chamber for E. coli and V. cholerae
biofilms (B) Macro image of dual species microfluidic chamber 48h post predator introduction
(C) E. coli mono-culture biofilm representative images at 48h of growth and 24, 48h after
predator introduction (D) Cell packing frequency diagrams just prior to and 48 hours after
predator introduction
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S2 Various representative examples of E. coli inclusions within conventional V. cholerae
biofilm morphology

154

S3 ΔrbmA V.cholerae biofilms cannot protect E. coli inclusions from bacterial predation
(A-B) E. coli and ΔrbmA biofilm growth at 48h and 48h after predator introduction (C-D) Whole
microfluidic chamber images showing E. coli and ΔrbmA biofilm growth before and after
predation
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S4 Dispersal of dual species biofilms post predation shows that E. coli growth within mature
V. cholerae colonies is a viable long term survival niche
(A) Schematic of “daisy chain” of microfluidic devices used to introduce dispersing cells to new
colonization environment. (B) Both species successfully attach to the surface of the new
microfluidic chamber after dispersal (C) Dual species biofilm growth can be seen in the new
microfluidic chamber after 48 hours of growth.
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S5 Reciprocal analysis of Vc fluorescence near Ec biomass
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S6 Dual species biofilm morphology types occur within close proximity to one another. (1:
Disordered;2: Conventional)
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S7 Colony type comparisons of different parameters at the start of time lapse experiments
Comparisons were done with a Mann-Whitney U test (N=8)
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S8 Continuous introduction of E. coli after V. cholerae biofilm establishment does not
change the morphology of mature biofilms
(A/B) representative images of V. cholerae biofilms grown for 48 hours prior to the continuous
introduction of E. coli cells in the media before and after predator introduction (C) Frequency
distribution of successful predation for V. cholerae and E. coli in this experiment
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S9 V. cholerae matrix proteins have variable E. coli localization and do not protect E. coli
from predation
(A) representative image of dual culture biofilm with RbmC-FLAG (magenta) exposed to B.
bacteriovorus. Arrows point to successful bdelloplasts in both species surrounded by matrix (B)
Quantification of matrix fluorescence signal per biomass cube. Biofilms were grown in either
dual culture or mono-culture. P values were determined by Mann-Whitney U tests with a
Bonferroni correction (N=4)(C-E) Representative images of dual culture biofilms with
immunostaining for each of V. cholerae’s core matrix proteins: RbmA (C), RbmC (D), Bap1 (E).
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S10 High- and low-density arenas can successfully be established and modulate relative
distance of one species to another.
(A) Comparison of average surface colonization between high- and low-density arenas. P-value
determined by Mann-Whitney U-test. (B) Frequency distribution of the average distance to the
nearest E. coli cell within the V. cholerae populations of each arena.
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Outlook and Conclusions
Biofilm morphology has an effect on V. cholerae ecology through many different beneficial
mechanisms
As we examined in the initial chapter of this thesis, biofilms are beneficial to the organisms that
make them for a host of reasons. Because of these benefits, the resulting structures have a
profound impact on the ecology of an organism. In some instances, the effect can be observed as
the competition of two different morphologies. This is the case in chapter 2, where two strains of
Vibrio cholerae form very different biofilms in accordance with differing colonization strategies.
While these morphologies are on the extremes, it is currently unclear if natural populations use
these morphologies exclusively or exhibit some intermediate phenotype. What is apparent is that
in biofilms, certain benefits can be maintained at the cost of others. For example, the filamentous
biofilm was still clonal and kept kin mates close together. Although it did not exhibit the ability to
defend against invasion, this biofilm configuration would still be useful for ensuring that shared
resources reach clonemates. While this benefit of biofilms was not lost, the gain in adhesion was
at the cost of invasiblity. The results laid out in chapter 2 point towards future questions on other
trade offs in biofilm morphology and if a possible optimal fitness peak exits for a biofilm in its
natural environment.
Investigating the effects of predation on biofilms, we found a robust example of how the
cell architecture of the biofilm is critical of one of these ecologically beneficial adaptations.
Contrasting Chapter 3 with previous work done on phage predation of E. coli biofilms, the
chapter outlines how the cell packing of V. cholerae biofilms is the critical phenotype for
protection. In many other examples, matrix operates as a coating for cells, and most of the
benefits are reaped due to matrix blocking entrance of harmful entities. Here we showed that the
geometry of biofilm development has serious impacts on the landscape of a biofilm community.
These results suggest that the architecture of a biofilm might be under selection by predation in
the same way other traits for survival would be. Biofilms that have the relevant matrix
components but lack the programming necessary to organize them properly would still be culled.
Thus, an environment rich in predators might not only select for matrix production, but cellular
arrangements that use them the most efficiently.
We took this one step further in chapter 4 and increased the realism of the system by
including species with differing biofilm architectures. In most circumstances, bacterial do not
grow alone, but instead in a community. However, studies on biofilm architecture have been in
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pure culture, except for a few recent examples. The results here suggest that the fitness landscape
for biofilms is extremely complicated. Even with the introduction of a single additional species,
the possible observed outcomes increased dramatically. This suggests that even within a stable
community, the selective pressures on each individual will differ depending on the configuration
of a community in which they find themselves. Using chapter 4 as an example, a V.cholerae cell
forming a biofilm with E. coli could find itself in either a low- or high-density environment,
which leads to altered biofilm morphology. The high-density environment, which is susceptible to
predators, might select for other mechanisms of protection. While in the low-density arena, the
high packing, ordered biofilms will be the most dominant, and selection will favor cells that
maintain such a morphology. Overall, chapter 4 suggests that the diversity of biofilm strategy
might be maintained by the wealth of microenvironments faced by an individual within a
bacterial community.
Strain-specific biofilm morphology might play a role in bacterial competition and community
assembly
If the diversity of biofilm morphology is due to differing strategies across multiple selection
gradients, then these differences should be able to be observed phenotypically. In chapter 2, we
already showed that strains of V. cholerae show filamentation to varying degrees. What that
section also shows is the staggering diversity of morphology within the species. The question
remains if these differences are due to selection or have arisen by drift. The way to test this would
be to collect many environmental samples of V. cholerae and quantify their matrix production
levels and architectural traits. Examining how these traits cluster would provide insight into
possible biofilm morphotypes within a species. If certain strains clustered separately from one
another, that suggests that the strains of each group encounter different environments. If the
distribution of traits is continuous, then it may be the base that biofilm formation alone is
sufficient of survival, and any difference in morphology is due to drift.
The succession of a bacterial community could be controlled by the morphology of each
individual species’ biofilm
The repeatability of bacterial community succession has been an area of intense ongoing research.
However, it is still unclear what laws govern the development of a stable bacterial community.
Furthermore, its is also unclear why communities with apparently differing species compositions
can have the same overall function. This thesis lays the groundwork for how the interaction of
biofilm architectures might be an important factor in the assembly of microscopic communities.
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When thinking about the consumer resource model of a particular community, general
proximity of the necessary species might be the only factor to consider. Even more so in bacteria
where horizontal gene transfer is common, a resource model would suggest that if the correct
genes are present, the community should function. This however does not consider the
interactions between species in biofilms. While a species might possess the requisite genes for
cross-feeding with another species, the interactions of their biofilms might lead to a decrease in
fitness with respect to other factors (like predation). This suggests that biofilms of multiple
species will be affected by the architectures of their neighbors and stable communities might rely
on these architectural interactions to achieve new structures that are beneficial to all members.
This is an emerging field as multispecies biofilms exist in many different environments.
However, it is apparent that the architectures formed by individual species are a critical for not
only competition between species, but the creation of community biofilms with entirely new
emergent properties.
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Introduction
The chapters in the main body have worked to outline how context is extremely important for
understanding how the morphology of a biofilm might affect the ecology of an organism1,2. Each
of the examples above outlined different aspects that can impact biofilms: competition on
chitinous surfaces, predation by bacteria, and proximity to non-cooperating competing organisms.
While these contributions are invaluable for understanding the context of biofilms, the realism of
the in vitro biofilm environment can be pushed further with the existing tools from the chapters
above.
The chitin particle environment is a wealth of diversity, where many different species can
inhabit a biofilm community on the same particle3–6. Furthermore, the breakdown of these
particles by bacteria is critical for the global carbon cycle6–9. Without microbial degradation,
these particles would sink to the ocean floor and be taken out of the global available carbon pool.
Therefore, sinking particles offer a unique challenge for microbes as they must repeatedly rapidly
assemble a community capable of degrading the whole particle before it sinks too deep into the
water column7,10,11. These communities are composed of two broad groups; primary degraders
and secondary consumers6,12. Primary degraders generally arrive first due to a high degree of
motility. Once they arrive, they are responsible for the secretion of exogenous chitinase, which
allows for the breakdown of chitin into smaller oligomers13. Secondary consumers arrive after
this initial biofilm formation and feed off of the available chitosan that has been broken off of the
particle. The arrival of secondary consumers speeds up particle degradation and aids the
replacement of available carbon in the upper oceans9. After sufficient degradation, this
community disperses to repeat the cycle.
The genus Vibrio is one of the most ubiquitous primary degraders present in the
oceans9,12,14. Most characterized species have annotated or putative chitinases and frequently arise
in chitin enrichment cultures6. While each species of Vibrio presumably has the same goal, to
adhere to a particle and utilize chitin for growth and division, the genetic make-up and
components of each vibrio’s biofilm is quite varied15,16. Two species, Vibrio cholerae and Vibrio
parahaemolyticus for example, produce different core polysaccharides, as well as different
adhesins and matrix proteins15. This raises an interesting question about the competition of
primary degraders for space on a chitin particle. Are there different strategies for particle
colonization and biofilm maintenance?
The biofilms of these two species have been examined already to some extent as they
have both been found to be good biofilm formers in in vitro conditions and have had a large array
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of their biofilm components characterized17–20. However, the extent to which their architectures
have been visualized varies greatly. V. cholerae has seen the bulk of the research into the
structure and effects of its biofilm architecture, while V. parahaemolyticus has seen relatively
little attention21–26. Given what we have learned about intra-species competition on chitin, and
interspecies effects on biofilm morphology, we set out to understand how two species with the
same apparent niche would interact in the chitin environment. Here, we use a microscopy-based
approach with chitin microfluidic chambers. Each species on their own form very different
biofilm microcolonies, some of which can be altered by environmental conditions. These
morphology difference led to unique multispecies spatial configurations on chitin, which could
have impacts on the ecology and success of the system.
Results
V. parahaemolyticus biofilms can have drastic morphology changes dependent on media
conditions.
To better understand the diversity of Vibrio biofilm morphology, we first set out to observe V.
parahaemolyticus biofilms in standard microfluidic culture. Initially, we ran these experiments in
the medium we typically use for V. cholerae biofilm growth; M9 minimal media supplemental
with 0.5% glucose. This medium resulted in no biofilm formation for our strain of V.
parahaemolyticus. Changing the carbon source in this medium also had no effect, as glucose,
GlcNac, and glycerol all yielded no biofilms. A search of alternative media in the literature
yielded a Vibrio fischeri minimal media that had been previously used for V. parahaemolyticus
growth27. Use of this medium yielded great biofilm growth after just 48 hours (Figure 1).
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Figure 1. V. parahaemolyticus biofilms were grown for 48 hours in VFMMG with differing
NaCl concentrations to show effect on biofilm architecture. (A) 300mM NaCl concentration
creates loosely packed but well adhered biofilms. (B) 50mM NaCl creates highly packed biofilms
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Curiously, this biofilm morphology appeared very different from V. cholerae. The cells
within the biofilms were very far apart though still formed 3 dimensional structures that were
adhered to the surface and each other. As Vibrios can be found in both freshwater and saltwater
environments, we were curious if the morphology would change depending on the content on
NaCl in the media. A reduction of the NaCl to 50mM resulted in a stark change in V.
parahaemolyticus biofilm morphology. In this lowered NaCl condition, the biofilms appeared
more similar to biofilms formed by V. cholerae (Figure 1 and 2). To visualize the difference
between these two conditions, we performed a neighborhood volume fraction calculation at 6μm
that we have previously used as a metric for cell packing. This analysis confirmed that the
lowered NaCl condition yielded biofilms with comparable cell packing to WT V. cholerae.
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Figure 2. 3 Dimentional renderings of segmented V. parahaemolyticus microcolonies. Cell
packing calculation has been overlayed onto the rendering with 300mM NaCl condition (above)
and 50mM NaCl condition (below)
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While these initial results of differing biofilm morphology were interesting, V. cholerae
was unable to grow appreciable biomass in any of these conditions when in co-culture with V.
parahaemolyticus. We suspect that this may be the result of contact dependent competition
between the two species. Since the V. cholerae lab strain that we typically use does not have a
functioning type VI secretion system, we hypothesis that the V. parahaemolyticus cell are
utilizing theirs to dominate the chamber. Future work in the lab will be examining the effect of
type VI secretion of the competition of these two species.
Dual culture growth of V. cholerae and V. parahaemolyticus show distinct spatial organization
when grown on chitin
Although V. cholerae and V. parahaemolyticus were difficult to grow in straight chamber
devices, introducing both to a chitinous environment yielded successful cohabitation (Figure 3).
After 48 hours, it was apparent that these two species were forming architecturally distinct
biofilms on the surface of the chitin (Figure 3 and 4). In addition to morphology, it appeared that
each species has a distinct spatial distribution when grown in this environment. V. cholerae forms
dense biofilm clusters that adhere closely to the chitin surface. Conversely, V. parahaemolyticus
forms looser biofilms that extend far beyond the surface of the chitin. These two morphologies
lead to a distinct spatial pattering in which dense patches and streamers of V. cholerae are found
on the interiors of large V. parahaemolyticus biofilms (Figure 4).
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Figure 3. Growth of V. cholerae (red) and V. parahaemolyticus (yellow) on chitin (cyan)
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Figure 4.V. cholerae and V. parahaemolyticus assemble morphologically distinct biofilms in
a chitin environment. Two representative images depicting V. cholerae (red) and V.
parahaemolyticus (yellow) growing on chitin (cyan).
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Given the results outlined in Chapter 4, we were curious if the difference in morphology
would have an impact on the ability of B. bacteriovorus to enter a prey upon the biofilm. Indeed,
the looser structure of the V. parahaemolyticus biofilm allowed for entry of bacterial predators
and access to cells of both species (figure 5 and 6). Visual inspection suggests that V. cholerae is
being preyed upon in there conditions more than the loosely packed V. parahaemolyticus (figure
5 and 6). It is possible that B. bacteriovorus prefers V. cholerae in these conditions, but further
study must be done to determine these interactions.
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Figure 5. V. cholerae (red) and V. parahaemolyticus (yellow) growing on chitin (cyan) with
24-hour exposure to B. bacteriovorus (magenta)
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Figure 6. Whole chamber images of V. cholerae (red) and V. parahaemolyticus (yellow)
growing on chitin (cyan). Upper row depicts 48-hour exposure to B. bacteriovorus (magenta)
while lower to has no predators present.
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Discussion
These results outline the immense impact that environmental condition and coculture and have on
the biofilm morphology of an organism. By changing one aspect of the environment, NaCl
concentration, V. parahaemolyticus’ architecture changes drastically, going from loosely to
tightly packed. These morphologies in turn can have impacts on competition with other species,
allowing for entry of predators to susceptible areas of the biofilm community.
This is not the first time in which environmental changes lead to different biofilm
production from the same organism. V. cholerae has been shown to form VPS- independent
biofilms under certain conditions28. Changes in architecture of both species emphasizes the need
to study biofilms within their true natural contexts, as other environments may lead to different
results.
While environmental conditions can alter biofilm morphology, Chapter 4 also describes a
mechanism in which growth with competing species can affect biofilm architecture and predation
susceptibility. The preliminary results here could describe another mechanism by which species’
biofilms could affect one another. If predation is dictated by the ability of B. bacteriovorus to
access its prey, then one way of increasing access is to decrease packing density. The other
mechanism would be to increase the available surface area of the biofilm, leaving more cells
exposed on the exterior of the biofilm. The long-stretched inclusions of V. cholerae within V.
parahaemolyticus biofilms could be subject to this effect.
Overall, these two organisms, while similar, have very different biofilm behaviors.
Growth of these two species can be used in future studies to examine competition of biofilms on
chitin, he effects of spatial seclusion of nutrients, and the sharing of public goods across species.
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Materials and Methods
Microfluidic assembly
Devices were cast out of PDMS and bonded to a glass cover slide as described previously. For
experiments involving chitin growth. Chambers with obstructing pillars were used to trap chitin
particles. These particles were introduced by micropipette into the inlet of the chamber and then
forced into the main arena with a syringe containing the relevant media.
Monoculture Biofilm growth conditions
V. parahaemolyticus was grown overnight in Lysogeny broth and then diluted and regrown to a
final OD600 of 1. This culture was then inoculated into the microfluidic device and allowed to sit
with no flow 1 hour. After this period a flow of 0.1μl/min was introduced to the device. Biofilms
were grown in Vibrio fischeri minimal media supplemented with 0.5% glucose and concentration
of NaCl was adjusted depending on the experiment. VFMMG is comprised of 50mM tris-HCl pH
7.2, 50mM MgSO4, 300mM NaCl, 10mM KCl, 0.33mM K2HPO4, 18.5mM NH4Cl, 10mM CaCl2,
and 0.5% glucose or glycerol.
Multi species chitin biofilm growth conditions
V. cholerae and V. parahaemolyticus were both grown in LB overnight, back diluted and regrown
to a final OD600 of 1. These cultures were then mixed at a 1:1 ratio and inoculated into the
device and allowed to sit for 1 hour. Flow was then started at a rate of 0.1μl/min. The media used
is a modified version of the Artificial seawater media outlined in chapter 2. This modification
lowered the NaCl concentration of the media to allow for the introduction of the bacterial
predator B. bacteriovorus
Predator introduction to chitin chambers
The predator B. bacteriovorus was collected and diluted as described in chapter 3. These cultures
were then placed into syringes and tubing was swapped and flow was allowed for 1 hour at
0.1μ/min. After this period, tubing for the sterile media replaced the predators and flow was
resumed at the normal rate.

179

References
1.
Wucher, B. R. et al. Vibrio cholerae filamentation promotes chitin surface attachment at
the expense of competition in biofilms. PNAS 116, 14216–14221 (2019).
2.
Wucher, B. R., Elsayed, M., Adelman, J. S., Kadouri, D. E. & Nadell, C. D. Bacterial
predation transforms the landscape and community assembly of biofilms. Curr Biol 31, 26432651.e3 (2021).
3.
Hayes, C. A., Dalia, T. N. & Dalia, A. B. Systematic genetic dissection of chitin
degradation and uptake in Vibrio cholerae. Environmental Microbiology 19, 4154–4163 (2017).
4.
Wieczorek, A. S. et al. Ecological Functions of Agricultural Soil Bacteria and
Microeukaryotes in Chitin Degradation: A Case Study. Front Microbiol 10, 1293 (2019).
5.
Cordero, O. X. & Datta, M. S. Microbial interactions and community assembly at
microscales. Current Opinion in Microbiology 31, 227–234 (2016).
6.
Datta, M. S., Sliwerska, E., Gore, J., Polz, M. F. & Cordero, O. X. Microbial interactions
lead to rapid micro-scale successions on model marine particles. Nature Communications 7,
11965 (2016).
7.
Burd, A. B. & Jackson, G. A. Particle Aggregation. Annual Review of Marine Science 1,
65–90 (2009).
8.
Dang, H. & Lovell, C. R. Microbial Surface Colonization and Biofilm Development in
Marine Environments. Microbiology and molecular biology reviews : MMBR 80, 91–138 (2016).
9.
Enke, T. N., Leventhal, G. E., Metzger, M., Saavedra, J. T. & Cordero, O. X. Microscale
ecology regulates particulate organic matter turnover in model marine microbial communities.
Nature Communications 9, 2743 (2018).
10.
Stocker, R. & Seymour, J. R. Ecology and Physics of Bacterial Chemotaxis in the Ocean.
Microbiology and Molecular Biology Reviews 76, 792–812 (2012).
11.
McDonnell, A. M. P. & Buesseler, K. O. Variability in the average sinking velocity of
marine particles. Limnology and Oceanography 55, 2085–2096 (2010).
12.
Ebrahimi, A., Schwartzman, J. & Cordero, O. X. Cooperation and spatial selforganization determine rate and efficiency of particulate organic matter degradation in marine
bacteria. PNAS 116, 23309–23316 (2019).
13.
Meibom, K. L. et al. The Vibrio cholerae chitin utilization program. Proceedings of the
National Academy of Sciences 101, 2524–2529 (2004).
14.
Blokesch, M. & Schoolnik, G. K. Serogroup Conversion of Vibrio cholerae in Aquatic
Reservoirs. PLoS Pathogens 3, e81–e81 (2007).
15.
Yildiz, F. H. & Visick, K. L. Vibrio biofilms: so much the same yet so different. Trends
in Microbiology 17, 109–118 (2009).

180

16.
Liu, M. et al. A Polysaccharide Biosynthesis Locus in Vibrio parahaemolyticus Important
for Biofilm Formation Has Homologs Widely Distributed in Aquatic Bacteria Mainly from
Gammaproteobacteria. mSystems 7, e01226-21 (2022).
17.
Richards, G. P. et al. Predatory bacteria as natural modulators of Vibrio parahaemolyticus
and Vibrio vulnificus in seawater and oysters. Appl. Environ. Microbiol. 78, 7455–7466 (2012).
18.
Berk, V. et al. Molecular Architecture and Assembly Principles of Vibrio cholerae
Biofilms. Science 337, 236–239 (2012).
19.
Drescher, K. et al. Architectural transitions in Vibrio cholerae biofilms at single-cell
resolution. Proceedings of the National Academy of Sciences 113, E2066–E2072 (2016).
20.
Yan, J., Sharo, A. G., Stone, H. A., Wingreen, N. S. & Bassler, B. L. Vibrio cholerae
biofilm growth program and architecture revealed by single-cell live imaging. Proceedings of the
National Academy of Sciences 113, E5337–E5343 (2016).
21.
Fong, J. C. N. & Yildiz, F. H. The rbmBCDEF Gene Cluster Modulates Development of
Rugose Colony Morphology and Biofilm Formation in Vibrio cholerae. Journal of Bacteriology
189, 2319–2330 (2007).
22.
Fong, J. C. et al. Structural dynamics of RbmA governs plasticity of Vibrio cholerae
biofilms. eLife 6, (2017).
23.
Giglio, K. M., Fong, J. C., Yildiz, F. H. & Sondermann, H. Structural Basis for Biofilm
Formation via the Vibrio cholerae Matrix Protein RbmA. Journal of Bacteriology 195, 3277–
3286 (2013).
24.
Díaz-Pascual, F. et al. Breakdown of Vibrio cholerae biofilm architecture induced by
antibiotics disrupts community barrier function. Nature Microbiology 4, 2136–2145 (2019).
25.
Nadell, C. D. & Bassler, B. L. A fitness trade-off between local competition and dispersal
in Vibrio cholerae biofilms. Proceedings of the National Academy of Sciences 108, 14181–14185
(2011).
26.
Nadell, C. D., Drescher, K., Wingreen, N. S. & Bassler, B. L. Extracellular matrix
structure governs invasion resistance in bacterial biofilms. The ISME Journal 9, 1700–1709
(2015).
27.
Park, J. H. et al. The cabABC Operon Essential for Biofilm and Rugose Colony
Development in Vibrio vulnificus. PLOS Pathogens 11, e1005192 (2015).
28.
Kierek, K. & Watnick, P. I. The Vibrio cholerae O139 O-antigen polysaccharide is
essential for Ca2+-dependent biofilm development in sea water. Proceedings of the National
Academy of Sciences 100, 14357–14362 (2003).

181

Appendix 2
Microscale Architecture Dictates Phage Exposure in
Multispecies Biofilms
James B. Winans1, Benjamin R. Wucher1, Carey D. Nadell1*
1

Department of Biological Sciences, Dartmouth, Hanover, NH 03755

Contribution
BRW helped conceive the project. BRW assisted with experimental design. BRW assisted in
writing the manuscript

182

Introduction
Many organisms find refuge from threats within groups. This observation applies across scales
from migrating bird flocks and animal herds to fish schools and insect swarms 1–4. Bacteria are no
exception and routinely live as collectives either free-floating or adhered to a surface. Usually
termed biofilms, these bacterial communities are highly abundant in natural settings5 6–9, as are
the threats faced by biofilm-dwelling microbes, such as invading competitors10, diffusible
antimicrobial compounds11, phages12, and predatory bacteria13–15. While biofilms formed by just a
single species commonly occur, multispecies biofilms are thought to be more typical of microbial
communities in the natural environment16–22. How phage-host encounters change within
multispecies biofilms remains mostly unexplored at the cellular spatial scale of interactions that
underlie large scale patterns in biofilm-dominated microbial communities.
Previous work has shown that dual species biofilm cultures can increase, decrease, or have no
measurable effect on phage susceptibility of a target host species living alongside a different,
phage-resistant species23–31. Why do some dual species biofilms confer increased phage
protection to susceptible host bacteria, while others appear to do the opposite? The details
underlying this variability in outcome are not well understood. A common feature among many
previous studies on this topic is the use of bulk assay CFU and PFU plating techniques from
microtiter dish cultures; these tools, while highly effective for experimental throughput, by their
nature provide an average result over entire biofilm populations residing on microtiter well walls.
The conditions within these wells, for example, distance from the air-liquid interface, can vary
substantially. An important way to build on the foundation of this work is to examine the
microscale variability in biofilm structure that can clarify the cell-cell and cell-phage interaction
giving rise to population and community-wide patterns at larger spatial scales. In this paper we
target this less-explored element of phage-host interaction in multispecies contexts.
Our model system comprises dual-culture biofilms of Escherichia coli and Vibrio cholerae under
exposure to T7 coliphages or phage λ. Beyond the experimental tractability that makes E. coli and
V. cholerae excellent for controlled experiments, these species can be found in natural
environments together: for example, co-infecting hosts32, residing in brackish water33,34, and
potentially within surface-fouling biofilms in coastal waters near human populations35. Members
of the Escherichia and Vibrio genera are also common components of zebrafish microbiota36,37.
The cellular arrangement and secreted matrix architectures of V. cholerae have been explored in
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great detail in the last decade38–51. In V. cholerae, biofilm structure is characterized by tight cell
packing coordinated by four matrix components: the proteins RbmA, RbmC, Bap1, and the core
polysaccharide VPS50. E. coli biofilm architecture, likewise, has been dissected extensively52–56.
T7 coliphage, belonging to the Podoviridae family, is an obligately lytic phage that is routinely
isolated from the environment alongside E. coli57. T7 was used as our primary model phage, but
we also performed similar experiments with temperate phage λ of the Myoviridae family to
explore the generality of our results.
Recent work has documented protection of biofilm-dwelling bacteria against phage exposure
among several species, including V. cholerae, E. coli, Pseudomonas aeruginosa, and Pantoea
stewartii12,43,58,59. In each of these cases phage protection has either been directly or indirectly
traced to biofilm architecture controlled by secreted matrix materials. Most pertinently, recent
work in E. coli has shown that mature biofilms are able to block phage diffusion in a manner
dependent on secreted curli polymers controlling cell-cell packing on the biofilm periphery12,53.
Phages trapped in the outer biofilm layers remain at least partially viable and can infect newly
arriving susceptible bacteria colonizing the biofilm exterior60. In general, there is little known
about how growing in a multispecies context alters biofilm matrix production and architecture
relative to that found in monospecies contexts; likewise, there is little known about whether and
how these potential changes in biofilm microscale structure influence the ability of phages to
access their hosts.
Here we explore these open questions, studying how co-culture with V. cholerae influences
matrix secretion and biofilm architecture of E. coli, and how these changes in turn influence the
ability of E. coli to protect itself from phage attack in the midst of competition with V. cholerae
for space and resources. We find that the patterns of phage infection among E. coli are
substantially affected by the presence of a competing species, depending on microscale biofilm
architecture.
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Results and Discussion
E. coli embedded in V. cholerae cell clusters are shielded from phage exposure
V. cholerae and E. coli were engineered to constitutively produce the fluorescent proteins mKO-κ
and mKate2 respectively, such that they could be distinguished by fluorescence microscopy. We
note that the strain background of V. cholerae that we use here, El Tor N16961, is a natural null
strain for Type 6 Secretion activity and so does not antagonize E. coli in this manner. The two
species were inoculated at a 2:1 ratio of V. cholerae and E. coli into microfluidic devices bonded
to glass coverslips, allowed to attach to the glass surface for 45 minutes, and then incubated under
continuous flow of M9 minimal medium with 0.5% glucose for 48 hours. Within this timeframe,
biofilms begin to form, however monoculture E. coli biofilms have not yet produced sufficient
curli matrix to prevent phage entry. T7 phages were then introduced to the system continuously at
104 per µL for 16 hours; this strain of T7 contains a reporter construct causing infected hosts to
produce sfGFP prior to lysis. Changes in E. coli abundance and localization in the chamber were
tracked and compared to those in equivalent biofilms without phage introduction.
Prior to phage introduction, we noted considerable variation in microscale biofilm
structure and composition. Depending on the initial surface distribution of V. cholerae and E.
coli, different regions of the devices contained cell groups of E. coli mostly on its own, locally
mixed with V. cholerae, or occasionally embedded in the bottom layers of highly packed, V.
cholerae-dominated clusters. Shortly after phage introduction, most E. coli cells growing on their
own quickly began reporting infection and then lysed (Fig1A, SI Videos 1&2). Over the next 16
hours, E. coli cells embedded within V. cholerae-dominated cell groups largely survived phage
exposure, with scattered singleton E. coli cells elsewhere in the chambers. These single cells
persisted for as long as we continued to track the system (up to 144 h) but did not appear to be
actively replicating. After 16 hours, waves of T7 infection could be seen proceeding partially into
groups of E. coli embedded within V. cholerae biofilms, but a fraction of E. coli most often
survived (Figure 1A).
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Figure 1. E. coli (yellow) embedded within V. cholerae cell groups can evade exposure to
phages in the surrounding medium. (A) Timelapse series of a dual culture biofilm of E. coli
(yellow) and V. cholerae (purple), undergoing T7 coliphage exposure (infected cells reporting in
cyan/white). (B) The neighborhood biovolume fraction (biovolume fraction within a 6µm around
each segmented bacterium) of the merged biovolumes of both V. cholerae and E. coli for the first
time point in panel A. Biofilms dominated by V. cholerae cells have increased combined cell
packing density. (C) Mean V. cholerae fluorescence signal found around E. coli cells in biofilms
with and without phage exposure, showing an increase in V. cholerae fluorescence intensity around
E. coli after phages have been introduced to the system present (Mann-Whitney U test with n=9).
(D) E. coli biovolume normalized to biovolume prior to the introduction of phage in dual culture
with V. cholerae and monoculture controls, showing higher survival in the dual culture systems
(Mann-Whitney U test with n=9, n=3). (E) Total biovolume of E. coli in dual culture and
monoculture control biofilms with and without phage exposure at equivalent time points (MannWhitney U tests with n=8, n=9, n=6, n=7 from left to right).
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To determine if the remaining E. coli survived because of de novo evolution of resistance
to T7, we performed runs of this experiment after which all cells in the chamber were dispersed
by agitation and tested for T7 resistance (see Methods). The frequency of T7 resistance in the
surviving E. coli population was 10-5, roughly the same as the frequency of resistance prior to the
introduction of T7 phages that we have documented previously. This outcome shows that there
was little or no substantive population compositional shift due to selection for de novo phage
resistance, so resistance evolution did not contribute to E. coli survival (SI Figure S1C). This is
not particularly surprising, as the host population and phage population sizes and, most
importantly, the spatial constraints on host and phage movement of these experiments differ
dramatically from those of well-mixed culture phage-host interaction experiments. Rather, our
experiments suggest that T7-susceptible E. coli survives phage introduction by avoiding direct
exposure to them entirely when embedded in groups of V. cholerae. We confirmed that this
outcome is specific to biofilm culture conditions by replicating the same experiment in shaken
liquid culture beginning with the same cell inoculum and phages introduced at equivalent
multiplicity of infection (see Methods). In liquid culture conditions, E. coli gained no protection
against phage exposure and infection (SI Figure S1D). In the biofilm context, the delay between
the start of biofilm growth and phage introduction was important for the experimental outcome; if
phages were introduced from the beginning of biofilm growth, rather than 48h after biofilm
growth, then the extent of E. coli protection was effectively eliminated (SI Figure S2).
Our observations above suggested that in dual-species culture conditions, the majority of E. coli
that survive phage introduction are the cells enveloped within densely packed V. cholerae
clusters. To test this idea quantitatively, we segmented the E. coli and V. cholerae populations in
our time lapse experiment away from background and divided them into 3-D grid of units
corresponding approximately to the size of single cells13,61. We then merged the cell volumes of
E. coli and V. cholerae to calculate the joint total cell packing density within a 6µm radius for
each cell-size biovolume in each node of the 3-D grid (Fig 1B). By visual inspection, regions in
which E. coli survived contained a majority of V. cholerae and had relatively high cell packing
(biovolume fraction > 0.9), in comparison with other regions where E. coli tended to die of phage
exposure and cell packing was lower (biovolume fraction = 0.4-0.5). To confirm this protection is
occurring throughout our flow devices, we measured the distribution of E. coli with respect to its
association with V. cholerae. We again segmented the E. coli population away from background,
and then measured V. cholerae fluorescence within a one-cell-length radius (2 µm) around E. coli
throughout independent replicates. Compared to control experiments with no phage introduction
(Fig 1C), V. cholerae fluorescence was indeed significantly elevated in close proximity to E. coli
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after phage exposure, representing the surviving, protected portion of the E. coli population
embedded within groups of V. cholerae. This protection effect could be replicated by introducing
λ phages as well, and thus was not idiosyncratic for T7 phages (SI Figure S3).
At the scale of the entire chamber community, E. coli showed substantially higher survival rate in
co-culture with V. cholerae than in monoculture on its own (Fig 1D). In absolute terms, the total
population size of E. coli before and after phage exposure trended higher in biofilm co-culture
with V. cholerae but was not statistically different from the total number of surviving cells after
phage exposure in E. coli monoculture (Fig 1E). This result occurred because E. coli total
abundance prior to phage introduction is lower in co-culture with V. cholerae, with which it is
competing for space and nutrient resources, but due to embedding of many E. coli cells within V.
cholerae clusters, their per-cell survival rate against phage exposure is substantially higher
relative to a E. coli monoculture condition (Figure 1D). We note another critical difference
between the E. coli that survive within V. cholerae colonies and those that survive in E. coli
monoculture: the former cells maintain positive net growth within V. cholerae colonies and
recover from the initial population decline, whereas the latter do not. We elaborate on this point
with longer time-scale experiments in the last Results section.

Protection within V. cholerae cell clusters depends on their packing structure
After demonstrating that E. coli cells have reduced exposure to phages when embedded in
clusters of V. cholerae, we explored the biofilm architectural features needed for protection to
occur. As we have found previously that the extent of V. cholerae cell-cell packing can influence
transport of phages and bacteria through biofilms, our first hypothesis was that the high-density
cell packing of V. cholerae biofilms was important for this protection mechanism. Our other
hypothesis, not mutually exclusive, was that phages may be sequestered away from E. coli by
irreversible attachment to the surface of V. cholerae cells in close proximity. To distinguish
between these mechanisms, or to estimate their relative contribution to E. coli protection within
V. cholerae clusters, we performed new experiments manipulating V. cholerae cell packing in coculture with E. coli and assessing the degree of attachment and neutralization of T7 phages on the
surface of V. cholerae.
To alter V. cholerae cell packing structure, we performed co-culture experiments similar to those
in the previous section, but using a strain of V. cholerae (denoted ∆rbmA) with a clean deletion of
the rbmA locus. This strain cannot produce the matrix protein RbmA, which is not essential for
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biofilm formation but is necessary for the tight cell packing that is characteristic of mature V.
cholerae biofilms (SI Fig S4)47,51,62. Biofilms without RbmA, in contrast with those of WT, have
previously shown to be permeable to vibrio phages, to planktonic competitor bacteria, and to
predatory bacteria such as Bdellovibrio bacteriovorous10,13. If the high cell packing to which
RbmA contributes is important to the protection of E. coli from phage exposure, we expect that in
co-culture biofilms with ∆rbmA V. cholerae, E. coli will be more exposed to T7 phage predation
and show different population dynamics relative to control co-cultures with WT V. cholerae.
We grew E. coli and ∆rbmA V. cholerae in biofilm co-culture, introduced T7 phages after 48 h as
above, and found that the E. coli grown in the presence of ∆rbmA V. cholerae does not exhibit
population recovery after phage introduction as it does in co-culture with WT V. cholerae (Fig
2A). This outcome suggests that E. coli does not gain protection from phage exposure amidst
∆rbmA V. cholerae, and that the cell packing architecture of WT V. cholerae is in fact important
for this protection effect. If E. coli is protected within WT V. cholerae clusters, but not within
∆rbmA clusters, then in a tri-culture experiment of E. coli, ∆rbmA V. cholerae, and WT V.
cholerae, we expect a shift of E. coli spatial association toward WT V. cholerae after introducing
phages as E. coli associated with ∆rbmA V. cholerae are more often killed. We performed this triculture experiment, measuring the average distance between E. coli and WT V. cholerae, and that
between E. coli and ∆rbmA V. cholerae, before and after phage introduction. Without the addition
of phages into the triculture condition, E. coli cells are just as likely to be associated with WT V.
cholerae (median distance: .88 µm) as they are with ∆rbmA V. cholerae (median distance: .69
µm) (Fig 2B and 2C). When phages are introduced, the remaining E. coli were significantly
closer to WT V. cholerae (median distance: 0.59 µm) than they were to ∆rbmA V. cholerae
(median distance: 3.46 µm) (Fig 2B).
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Figure 2. E. coli evasion of phages within V. cholerae biofilms depends on the cell-cell packing
produced by wild type V. cholerae. (A) E. coli biovolume overtime in dual culture conditions
with either WT V. cholerae or ∆rbmA V. cholerae (n=3, n=4, n=6, n=6 from top to bottom in
legend). (B) Average distance between E. coli cells and either WT V. cholerae or matrix mutant
∆rbmA V. cholerae in a triculture condition with and without phage exposure (Wilcoxon paired
comparison tests with n=9). (C,D) Representative images from the triculture condition with E. coli
(yellow), WT V. cholerae (purple), and ∆rbmA V. cholerae (blue) (C) without phage exposure and
(D) after phage exposure. (E) PFU recovered after incubation of starting T7 phage inoculum with
either no bacteria, V. cholerae, WT E. coli, or ∆trxA E. coli over a 60min time course. ∆trxA E. coli
allows for T7 phage attachment and genome ejection, but not for phage replication. (F) The
neighborhood biovolume fraction (biovolume fraction within a 6µm radius around each segmented
bacterium) of the merged biovolumes of both V. cholerae genotypes and E. coli from (D).
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The experiments above indicate that the packing architecture of WT V. cholerae biofilms
is important for phage exposure protection of E. coli within them, as E. coli gains little if any
protection from phage exposure in proximity to loosely packed ∆rbmA V. cholerae. These data do
not exclude the possibility that this difference is due in part to sequestration of phages by
attachment to V. cholerae cells, which could occur more often in WT clusters with higher density
of available V. cholerae cell surface relative to clusters of the ∆rbmA strain. To help assess
whether sequestration of phages by direct attachment to V. cholerae cell surface was important,
we incubated V. cholerae, E. coli, and ∆trxA E. coli with T7 phages in mixed liquid culture,
tracking the ability to recover T7 phages every 5 minutes for 1h (Fig 3E). In addition to a blank
media control, the ∆trxA E. coli strain was included because this strain can adsorb phages
normally but undergoes abortive infection, preventing phage amplification63. As expected, with
∆trxA E. coli incubation T7 PFU recovery steadily decreased until saturation at 1h. Incubated
with WT E. coli, T7 PFU recovery initially decreased as phage adsorption occurred, followed by
a rapid increase as new phages were released. Another round of latency and amplification then
occurred before the 1h stop time. Incubated with V. cholerae, no change in T7 PFU recovery was
observed, which was identical to the blank media control for the duration of the experiment.
These data suggest that T7 phages are not sequestered by adsorption to the V. cholerae cell
surface.
As V. cholerae cell surface properties may not be the same in biofilm growth conditions
as they are in liquid growth conditions, we also performed experiments with fluorescently labeled
T7 phages in biofilm growth conditions to determine if T7 is sequestered to V. cholerae cell
surfaces in this context. Labeled phages were introduced to V. cholerae and E. coli dual culture
biofilms and tracked over time, and we found that they localize strongly to unprotected E. coli
cells, and not to V. cholerae (SI Fig S5). When V. cholerae monoculture biofilms were grown in
flow devices with continuous labeled phages added into the media, we saw no accumulation of
phages along the outer surface of V. cholerae cell clusters (SI Fig S6). We found occasional
phages within V. cholerae cell groups along the basal glass substrate, but not in the rest of their
interior volume (SI Fig. S6). As phages were added from the beginning of biofilm growth onward
in this experiment, the results suggest that V. cholerae biofilm colonies expanded over the top of
initially glass-attached phages, rather than phages diffusing through biofilms to the basal layer.
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Taken all together, the data in the experiments above suggest that E. coli is protected
from T7 phage exposure within WT V. cholerae biofilms due to their architectural features, with
minimal if any sequestration of phages by direct adsorption to the surface of V. cholerae cells.

Cohabitation with V. cholerae alters E. coli matrix production
As noted in the first Results section, E. coli accumulates less quickly in co-culture with V.
cholerae than it does on its own, owing to competition for limited space and resources. Previous
work has shown that, in monoculture, E. coli biofilms can protect themselves against phages once
they begin to produce curli matrix proteins, which interrupt phage binding on the single cell scale
and contribute to biofilm architecture that blocks phage diffusion on the collective cell scale12.
Curli production does not usually start until several days after beginning E. coli biofilm growth in
microfluidic culture conditions12, and we wondered if growing together with and competing
against V. cholerae in dual culture might delay or disrupt curli formation. We note again that in
the experiments in previous sections, biofilms were cultivated for too short a time for E. coli to
begin producing curli matrix even in monoculture conditions. Here we explored whether coculture with V. cholerae impacts curli production on longer time scales, when E. coli on its own
would ordinarily be able to protect itself against phage exposure via curli production.
If curli production is reduced or disrupted by growth with V. cholerae as a competitor, we would
expect no difference in phage exposure survival between WT E. coli and a strain lacking curli
matrix in co-culture with V. cholerae. To explore this possibility, WT E. coli and an isogenic curli
null deletion strain (denoted ∆csgA) were grown either on their own or in co-culture with V.
cholerae for 96 h. This cultivation period is twice as long as is normally required for monoculture
WT E. coli biofilms to produce curli and block phage diffusion. Biofilms were imaged at 96 h,
exposed to phages at 104 per µL under 0.1 µL/min flow for 16 h, and then imaged again to
document population sizes of WT and ∆csgA E. coli before and after phage introduction. As
expected, the WT E. coli monoculture biofilms had the highest level of survival, with some
replicates showing net increases in population size after the 16 h phage treatment. E. coli ∆csgA
monoculture biofilms, lacking any protection mechanism against phage exposure, had the lowest
level of survival. In contrast, when in co-culture with V. cholerae, WT E. coli and ∆csgA E. coli
(Figure 3A) showed no difference in survival to phage exposure, suggesting that curli production
is no longer critical to T7 exposure protection for WT E. coli in this context.
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Figure 3. E. coli biofilms’ normal production of curli matrix protein, which occurs after 48
incubation and can protect against phage diffusion, is interrupted in co-culture with V.
cholerae to the extent that phage protection is no longer provided by E. coli biofilm matrix.
(A) E. coli biovolume normalized to biovolume prior to phage introduction in dual culture and
monoculture conditions for both WT E. coli and ∆csgA E. coli (Mann=Whitney U tests with n=12).
(B) Total E. coli biovolume with and without phage treatments at equivalent time points (MannWhitney U tests with n=12). In these experiments, in contrast with Figure 1E, biofilms were grown
for longer periods before phage addition such that WT E. coli on its own could produce protective
curli matrix prior to phage addition. (C) Frequency distribution of csgBA transcriptional reporter
fluorescence around E. coli in monoculture and dual culture conditions. (D) Frequency distribution
of curli immunofluorescence intensity in proximity to E. coli in monoculture and dual culture
conditions. (E) Dual culture conditions of E. coli (yellow) and V. cholerae (purple) before phage
exposure (top) and after 16h of continuous phage exposure (bottom). (F) Monoculture conditions
of E. coli before phage exposure (top) and after phage exposure (bottom)
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To assess why curli-based phage protection was no longer operating for E. coli even in
co-culture biofilms that had grown over 96 h, we repeated the experiments above with an WT E.
coli strain harboring reporter fusions for monitoring csgAB transcription and curli protein
production. The transcriptional reporter was made previously by introducing mKate2 in single
copy on the chromosome within the csgAB operon encoding the two subunits of curli fiber
protein (csgB baseplate and csgA primary curli monomer). The protein production reporter was
also made previously by introducing a 6x-His fusion tag to csgA, which allowed for in situ
immunostaining of curli fibers produced by E. coli during growth in monoculture and co-culture
with V. cholerae. As noted previously the total population size of E. coli in biofilms with V.
cholerae is lower than that found in monoculture (Figure 3B, E-F). On a per cell basis over the
entire chambers, csgAB transcription and curli immunostaining were significantly higher for E.
coli growing alone versus E. coli growing in co-culture with V. cholerae (Figure 3C-D). These
patterns manifested at the scale of the whole chamber; on a smaller spatial scale, E. coli distance
from V. cholerae in co-culture was not correlated with curli production (Figure SI S7). Overall,
these results suggest that E. coli curli production is substantially reduced in when growing
together with V. cholerae, which may contribute to the loss of curli based protection against T7
phages even after long incubation periods over which E. coli normally develops curli-based phage
protection in monoculture.

Ecological consequences joint interspecific competition and phage exposure
Our results thus far suggest complex ecological dynamics in which E. coli suffers a fitness
reduction in exploitative competition with V. cholerae, but on the other hand E. coli can gain
some protective fitness benefit against phage exposure when embedded within the highly packed
biofilm cell clusters that V. cholerae produces. It is still not clear, though, whether this protection
is lasting under prolonged phage exposure, or whether E. coli remains viable within V. cholerae
clusters despite being packed into their bottom-most cell layers. To characterize these population
dynamics more thoroughly, we performed new experiments in which E. coli and V. cholerae were
inoculated alone or together and grown for 48 h, followed by either continuous phage exposure or
no phage exposure for an additional 94 h. (Figure 4). Note that this experimental regime is such
that even in monoculture, E. coli will not have produced sufficient curli to block phage diffusion
at the onset of phage influx into the biofilm chambers.
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Figure 4. Population dynamics of E. coli and V. cholerae in monoculture and dual culture
conditions, where biofilms grew for 48h prior to phage exposure, and phage exposure was
applied continuously for 96h thereafter. (A, B) Representative images from time course imaging
of (A) E. coli monoculture and (B) co-culture with V. cholerae. (C, D) A close-up view of partial
E. coli phage infection (reporting in cyan/white) within a cluster embedded in a larger colony of V.
cholerae at (C) 96h and (D) 120h. Expanded fields of view in (C) and (D) denoted by checked
white boxes in panel B-96h and B-120h, respectively. (E) E. coli population dynamics in
monoculture and in co-culture with V. cholerae, with and without T7 phage exposure from 48h
onward (n=3, n=4, n=6, n=6). (F) V. cholerae population dynamics in monoculture and in coculture with E. coli, with and without T7 phage exposure from 48h onward (n=4, n=4, n=8, n=8).
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The E. coli population trajectories when growing on its own or with V. cholerae – but
without phage exposure – confirm our earlier suggestion that this interaction is competitive by
default; E. coli population size is reduced by ~84% in co-culture relative to when growing on its
own (Figure 4C; yellow versus grey square trajectories). V. cholerae total productivity is also
reduced in co-culture with E. coli relative to when growing on its own, though overall it
outcompetes E. coli by a substantial margin (Figure S8). This result was driven by V. cholerae
biofilm clusters expanding more rapidly and robustly in lateral and vertical space, displacing
some neighboring E. coli and enveloping other E. coli cell groups along the glass surface (Figure
4B). Under phage exposure, however, these same enveloped clusters are mostly protected from
phage killing. We did observe occasional E. coli deaths within trapped clusters, shown via the T7
infection reporter (Figure 4C, 4D), but overall the E. coli cell groups maintained positive net
growth and expanded laterally as the overlaid V. cholerae biofilms expanded as well (Figure 4E).
Based on our earlier experiments, we suspect that progeny phages released from these occasional
infection events within protected clusters were not able to diffuse freely, and as we have explored
previously, a sufficient impedance to diffusion will allow for long term survival of phagesusceptible hosts in close proximity12,64. Though we have linked V. cholerae cell packing to this
phage diffusion limitation, the exact biophysical explanation for limited phage diffusion is an
important future question. We speculate here that high density packing of V. cholerae, combined
with the biochemical properties of its matrix and potentially sequestration of phages to trapped
debris from lysed E. coli, may all contribute to the impeded diffusion of T7 phages from initial
sites of infection and amplification.
. We have previosly stated that monoculture E. coli biofims have a lower cell packing density
Than V. cholerae biofilms. Given that E. coli inclusions inside V. cholerae biofilms grow
considerably over time, would this growth disrupt the overal highly packed structure of the
V.cholerae biofilm. We assessed this question by calculating their two species’ joint cell packing,
finding it to be stable over time and indistinguishable from what V. cholerae produces on its own.
This suggests that the V. cholerae biofilm architecture, once initiated, can force cell groups of
other species trapped within them into orientations that do no affect the packing of the overall
structure (SI Fig S9). E. coli only disrupts V. cholerae architecture when cells of both species
begin dividing directly adjacent to each other from the outset of biofilm growth (Wucher et al.
2022).
Interestingly and counter-intuitively, the net result of these architectural details is that if phage
exposure occurs before E. coli is able to produce protective curli matrix, E. coli has higher
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absolute fitness in co-culture with V. cholerae than it does on its own (Figure 4C, yellow versus
grey circles). The same process of envelopment of E. coli by expanding V. cholerae biofilms,
which in the absence of phages reduces E. coli population growth relative to monoculture,
protects E. coli from near total population collapse when phages are present. Since V. cholerae
still has somewhat reduced absolute fitness in co-culture with E. coli compared to monoculture
(regardless of phage addition; SI Figure S8), this interaction can be characterized as E. coli
parasitizing or exploiting V. cholerae biofilm structure and gaining some protection at their
expense in the presence of E. coli-targeting phages.

197

Conclusion
We have shown that dual culture biofilms of V. cholerae and E. coli have a pronounced
difference in response to the introduction of phages when compared to monoculture biofilms.
Without phages, these two bacteria directly compete for resources and space within the biofilm
context, and both negatively influence the ability of the other to colonize the surface of the flow
devices. This competitive dynamic shifts under phage exposure, as E. coli cells that are
sufficiently enveloped within a V. cholerae biofilm of high cell density,can avoid a negative
interaction with phages that would otherwise lead to colony collapse. E. coli cells protected from
phages in this manner become somewhat reliant on the growth of V. cholerae, as cohabitation
leads to the disruption of sufficient curli matrix polymer in order for E. coli to protect itself from
phages. With sufficient time E. coli is able to appreciate a far greater population size in flow
devices with phages than it would ever be able to colonize without V. cholerae being present. E.
coli grown within V. cholerae biofilms are able to be remodeled into orientations that closely
resemble the latter species, and retain this architecture for up to 144hours. Whether these pockets
of E. coli ever lead to collapse in biofilm structure given even more time and space is still
unclear.
The ecological consequence of the dual culture condition allowing for continued growth
of E. coli should not be understated. Given the ubiquity of phages in natural environments, it is
likely that many biofilm-forming bacteria will encounter phages before they are mature enough to
coexist with phage infection or block phage infection entirely. However, if other bacteria are able
to provide a refuge from phages, even if it comes at a significant cost as shown here, this likely
expands the possible surfaces able to be colonized by phage sensitive bacteria. Biofilm formers
vary drastically in their biofilm architecture and ability to form biofilms with high cell density,
which we’ve identified as the critical factor in conferring protection to another species. It could
be interesting if more cosmopolitan microbes generally have lower cell packing, in order to not
provide this benefit for a competing bacterial species. Given that cell packing, rather than phage
adsorption is the key factor, this interaction is likely not unique to E. coli, but rather any bacteria
that can be properly enveloped and incorporated into V. cholerae biofilms. Interestingly, V.
cholerae tends to not assimilate unrelated V. cholerae cells, as seen in coculture with V. cholerae
and ΔrbmA V. cholerae, and rather excludes them by pushing them off on the exterior, rather than
growing over them. Taken together, the architecture of a species’ biofilm is an important aspect
of its place in the context of a community. Further understanding of how the morphologies of
different species biofilms interact and respond to the environment should be an area of future
interest in the study of microbial community assembly and maintenance.
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Supplemental Figures

SI Figure 1 – E. coli cells remaining in the biofilm remain sensitive to T7 phage. (A) A co-culture
biofilm of V. cholerae (purple) and E. coli (yellow) after 16 hours of phage exposure. (B) The
same microcolony as (A) after the dispersal regime used (described in methods), where most of
the E. coli cells have been removed and are collected in the effluent. (C) E. coli CFU recovered
from co-coculture flow devices when plated onto LB-Kanamycin plates without T7 phages or
plates saturated with T7 phages. We determined an average of 7.5 phage resistant E. coli cells per
310,000 cells. (Mann-Whitney U-test with n=4). (D) E. coli CFU in liquid culture with V.
cholerae overtime with and without the addition of phages. The addition of V. cholerae did not
increase protection against phage than what is expected in monoculture (n=3)
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SI Figure S2. Timing of phage introduction is important for V. cholerae (purple) protection of E.
coli (yellow). If phages are introduced immediately observing this protection is very rare. (A)
Rare, nonrandom sampling example of E. coli clusters growing inside V. cholerae biofilms when
phages are added immediately following initial attachment (observed 3 times out of ~200 V.
cholerae microcolony biofilms). (B) More typical example of the dual culture condition when
phages are added following initialattachment. (C) Data from random sampling of flow devices
(n=12, n=12).
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SI Figure S3. V. cholerae biofilms similarly protect E. coli cells from λ phages. (A) Threedimentional rendering of V. cholerae (purple), E. coli (yellow), and E. coli within close proximity
with λ phages that are likely to be infected (red). (B) Heatmap of E. coli cells with high
association for λ phages, E. coli clusters within V. cholerae biofilms generally evade λ phages, as
seen with T7 phages. (C) Frequency of phage infection, measured by Manders’ overlap, as a
function of the V. cholerae fluorescence shell intensity found surrounding E. coli cells in a 2µm
radius.
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SI Figure S4. Cell packing differs between ∆rbmA V. cholerae (cyan) and V. cholerae (purple)
drastically. (A) Representative image of a triculture condition of ∆rbmA V. cholerae, V. cholerae,
and E. coli (yellow). (B) The neighborhood biovolume fraction (biovolume fraction within a 6µm
around each segmented bacterium) of the merged biovolumes of both V. cholerae genotypes and
E. coli from (A).
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SI Figure S5 Co-culture biofilms exposed to labeled phages show little localization to V. cholerae
cells and strong localization to E. coli cells. (A-D) V. cholerae (purple), capsid labeled T7 phages
(cyan), E. coli (Yellow) single channels and the merged channels. (E) Orthogonal view (X by Z)
of the V. cholerae biofilm in (D) with labeled T7 phages, which are blocked from entering the
biofilm, and are adhered to E. coli cells on the perimeter of the biofilm. (F) Orthogonal view (X
by Z) of a ∆rbmA V. cholerae biofilm where phages are present throughout the biofilm.
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SI Figure S6 – Labeled T7 Phages and V. cholerae
V. cholerae biofilms grown while T7 phages were continously added into the flow devices for 48
Hours. While some phages are present in the biofilms, V. cholerae cells do not appear to
significantly absorb phages as E. coli cells do as seen in Figure S7. (A-D) Representative image
slices taken from a biofilm 1.54µm, 2.70µm, 4.25µm, and 13.90µm above the glass, respectively.
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SI Figure S7. Within co-culture flow devices, E. coli cells demonstrate similar levels of
transcription of csgAB independent of interactions with V. cholerae. (A) Curli transcription as a
function of the average distance of E. coli cells from the nearest V. cholerae cells, ranging from
.05µm to 17.80µm.
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SI Figure S8. E. coli is frequently out competed by V. cholerae for space and nutrients at a range
of initial starting frequencies, though co-culture does lead to a reduced level of growth for V.
cholerae. (A) E. coli frequency relative to V. cholerae overtime, with and without the
introduction of phages. E. coli is substantially displaced in both conditions. (B) Grouped V.
cholerae with phage and without phage biovolume at 120 Hours for both monoculture and dual
culture conditions. (, Mann-Whitney test with n=8 and n=16)
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SI Figure S9. Vibrio cholerae (purple) biofilm architecture is maintained through time even as E.
coli (yellow) inclusions continue to grow and expand. (A) Heatmaps of the merged neighborhood
biovolume fraction for both cell types over the time course experiment reflected in (B). (B) Dual
culture biofilm of V. cholerae and E. coli overtime, with phages being introduced into this system
at Hour 50. (C) Monoculture of E. coli overtime, phages introduced at Hour 50. (D) Heatmaps of
the neighborhood biovolume fraction for the time course reflected in (D). E. coli biofilms begin at
a lower cell density which is abolished by the introduction of phages.
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ABSTRACT (147/150)
Small regulatory RNAs (sRNAs) acting in concert with the RNA-chaperone Hfq are prevalent in
many bacteria and typically act by base-pairing with multiple target transcripts. In the major human
pathogen Vibrio cholerae, sRNAs are key to various physiologically important processes including
antibiotic tolerance, competence, and quorum sensing (QS). Here, we employed RIL-seq (RNAinteraction-by-ligation-and-sequencing) to Hfq of V. cholerae allowing us to identify hundreds of
sRNA-target pairs. These included sRNA-mRNA interactions, as well as RNA-duplexes formed
between two non-coding regulators. Detailed inspection of the latter class revealed a novel
component of V. cholerae’s QS pathway: the QrrA sponge RNA base-pairs with and inactivates
the Qrr1-4 sRNAs, which accelerates QS transition and modulates biofilm formation. Production
of qrrA is activated by the previously uncharacterized LysR-type transcriptional regulator, QrrT,
and we show that both QrrA and QrrT are required for rapid conversion from individual to
community behaviours in V. cholerae.
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MAIN TEXT
Quorum sensing (QS) is the process of cell-cell communication in bacteria. The underlying
molecular mechanisms involve the production, detection, and response to extracellular signaling
molecules called autoinducers. QS allows bacteria to synchronously control processes that are only
productive when undertaken in unison by the collective, including various virulence-related
functions, such as biofilm formation and toxin production. Thus, QS is a promising target for novel
antimicrobial intervention strategies, however, for this concept to become reality, we must first
systematically study and rigorously understand model quorum-sensing systems1,2.
Marine Vibrio species, including the major human pathogen Vibrio cholerae, belong to the
most thoroughly studied QS systems3. In all Vibrios studied so far, QS relies on post-transcriptional
gene regulation by small regulatory RNAs (sRNAs) called Qrr (quorum regulatory RNA)4. While
the number of Qrr homologs vary among different Vibrio species (V. cholerae encodes four Qrr
homologs, Qrr1-4), all Qrrs act together with the RNA chaperone Hfq to control gene expression
by base-pair with multiple target mRNAs5. Two Qrr-target mRNA interactions are of overarching
importance for QS performance in V. cholerae. First, Qrr1-4 inhibit the expression of the hapR
mRNA encoding a major regulator of high-cell density behaviors and a repressor of biofilm
formation and virulence genes6. Second, Qrr2-4 stabilize the mRNA encoding the AphA
transcriptional regulator, which antagonizes HapR activity and promotes virulence and biofilm
formation7. Consequently, V. cholerae cells deficient for qrr1-4 expression, or lacking the hfq gene,
display strongly reduced colonization of mice and fail to produce biofilms8-11.
In addition to the Qrrs, dozens of additional Hfq-binding sRNAs have been identified in V.
cholerae12 and for few of them a function in QS, virulence, or biofilm formation has been
established. For instance, the VqmR sRNA responds to the DPO AI and inhibits biofilm formation
and virulence gene expression13-15, whereas VadR adjusts cell shape and biofilm formation16. These
examples provide precedence that Hfq-binding sRNAs are crucial for QS control and collective
behavior in V. cholerae, however, global studies addressing their regulatory roles in this major
pathogen are yet missing.
To close this gap, we employed RIL-Seq (RNA-interaction-by-ligation-and-sequencing)17
to identify Hfq-mediated sRNA-target mRNA pairs in V. cholerae. These investigations revealed
hundreds of previously unknown sRNA-target interactions at low- and high cell densities and led
to the discovery of several sponge sRNAs that base-pair to and neutralize the activity of other noncoding RNAs18. Detailed analysis of one sponge sRNA, named QrrA, showed that this regulator
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specifically binds to the Qrr1-4 sRNAs, which inhibits their regulatory functions. Expression of
qrrA is controlled by the LysR-type regulator QrrT and together QrrA and QrrT speed-up QS
transition in V. cholerae. In accordance with this regulatory scheme, lack of qrrA facilitates biofilm
formation, whereas QrrA over-expression has the inverse effect. Together, our findings reveal the
genome-wide impact of Hfq-associated sRNAs on gene expression in V. cholerae and identify the
QrrA sponge sRNA as a critical regulator of QS-associated collective behaviours.

217

RESULTS
RIL-seq analysis of Hfq in V. cholerae
To study Hfq-mediated RNA duplex formation in V. cholerae, we performed RIL-seq analysis
using V. cholerae cells producing a Hfq::3XFLAG protein from the native chromosomal location12.
Specifically, we collected cells from low and high cell densities (OD600 of 0.2 and 2.0, respectively),
which we exposed to UV-crosslinking. Next, the Hfq::3XFLAG protein together with its associated
RNA ligands was co-immunoprecipitated and RNA ends were trimmed. Closely spaced RNA
molecules were ligated and prepared for cDNA synthesis and paired-end Illumina sequencing. A
V. cholerae wild-type strain lacking the 3XFLAG epitope served as a negative control in these
experiments. In summary, we obtained 847939 and 493875 statistically significant chimeric cDNA
reads at low and high cell density, respectively, corresponding to 2889 putative RNA-RNA
interactions with ≥20 chimeric reads (Figs. 1A and B; Table S1). Using this cut-off, we detected
RNA duplex formation for 57 of the 82 previously identified Hfq-binding sRNAs12 under the tested
conditions. Comparison of our dataset with 76 previously described Hfq-dependent sRNA-target
mRNA interactions from V. cholerae revealed overlap in 35 cases (Table S2). The RIL-seq
approach also recovered interactions of Qrr1-4 with hapR and Qrr2-4 with aphA and we further
validated post-transcriptional control of 52 target mRNAs by 11 independent sRNAs (Figs. 1C and
S1A-H). These targets included repressed as well as activated mRNAs indicating that RIL-Seq
recovers both types of regulation. To promote accessibility of our dataset, we generated a dynamic
and searchable web interface that provides a network view of these interactions at
http://rnaseqtools.vmguest.uni-jena.de/

RIL-seq recovers a high number of sRNA-sRNA interactions
In addition to canonical Hfq-dependent sRNAs affecting gene expression by interacting with transencoded mRNAs, sRNAs can also base-pair with and inhibit the activity of other sRNAs. These
sRNAs are called sponge RNAs18. Our RIL-Seq dataset identified 71 and 59 sRNA-sRNA
interactions at low and high cell density, respectively (Fig. S1I). Among these potential sponge
RNAs, QrrA (Qrr1-4 antagonist, previously identified as Vcr10313,19), a yet uncharacterized Hfqbinding sRNAs, caught our attention as it was predicted to base-pair with all four Qrr sRNAs but
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no other RNAs (Fig. 2A). The qrrA gene is conserved among several Vibrios, including pathogenic
species such as Vibrio furnissii, Vibrio mimicus, and Vibrio anguillarum (Fig. 2B).
Northern blot analysis of QrrA showed that it is detectable at all stages of growth with
peaks of expression when cells transition from low to high cell density (OD600 of 1.0) and during
late stationary phase (3h after cells reach an OD600 of 2.0) (Fig. 2C). This expression pattern is
inversely correlated with the Qrr1-4 sRNAs (Figs. 2C and S2A) and in V. cholerae cells
constitutively expressing the Qrr sRNAs, QrrA levels were significantly reduced (Fig. S2B).
Conversely, mutation of the qrrA gene resulted in elevated Qrr1-4 sRNA levels and plasmid-borne
QrrA production restored this effect (Fig. S2C). Together, these data indicate that QrrA could act
to antagonize Qrr1-4 activity.

QrrA base-pairs with and destabilizes the Qrr1-4 sRNAs
We next studied the effect of QrrA on Qrr1-4 expression. Given that QrrA-Qrr1-4 interaction was
discovered by RIL-Seq (Fig. 2A), we speculated that QrrA would affect Qrr1-4 stability rather than
transcription. We tested this hypothesis by pulse induction of QrrA from an inducible plasmid
(pBAD-QrrA) for 15 minutes after which we added rifampicin to halt transcription and follow
Qrr1-4 decay by northern blotting. We chose this experimental setup because transcription of the
qrr1-4 genes is known to be autoregulated20, which would have complicated the interpretation of
the results. In line with previous observations21, we observed that the Qrr1-4 sRNAs are highly
stable in the absence of QrrA (t1/2≥32 min, Fig. 3A, lanes 1-6), whereas over-expression of QrrA
led to a drastic reduction in Qrr1-4 stability (t1/2<2 min, lanes 7-12).
Using the RNAhybrid algorithm22, we were able to predict extensive RNA-duplex formation
between QrrA and each of the four Qrr sRNAs (Fig. 3B). Interestingly, the base-pairing sequences
for both Qrr1-4 and QrrA are conserved (Figs. 2B and S3A) and for Qrr1-4 the same sequence has
previously been identified to participate in base-pairing with trans-encoded target mRNAs4,5. We
tested this prediction by introducing a single nucleotide exchange (G->C, Fig. 3B) at position 72
of qrrA (qrrA* M1) and repeated the Qrr1-4 stability experiment. Indeed, this mutation almost fully
restored Qrr1-4 stabilities (Fig. 3A, lanes 13-18).
We also tested the inverse scenario, i.e. how does base-pairing with Qrr1-4 affect QrrA stability?
We discovered that while Qrr1-3 clearly reduced the half-life of QrrA (Figs. S3B-D), overexpression of Qrr4 did not have the same effect (Fig. S3E). Thus, we investigated the predicted
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Qrr1-4-QrrA RNA duplexes (Fig. 3B) for potential differences in base-pairing. Despite the almost
identical interactions, we noticed that Qrr4 carries a cytosine residue immediately downstream of
the conserved base-pairing sequence (nucleotide 49 in Qrr4), whereas Qrr1-3 carry an uridine at
the same position (Figs. 3B and S3A). To test the relevance of this residue for Qrr-mediated
degradation of QrrA, we changed cytosine to thymidine at the respective position in qrr4 (qrr4M2) and repeated the experiment. Indeed, over-expression of Qrr4-M2 reduced QrrA stability
comparable to native Qrr1-3 (Fig. S3F), indicating that base-pairing at the distal end of the
interaction dictates the fate of the RNA duplex (Fig. 3B).
To confirm direct base-pairing of QrrA with the Qrr1-4 sRNAs at the predicted positions, we
decided to study the interaction of QrrA with Qrr1 and Qrr4 in more detail. Specifically, we
introduced compensatory single point mutations into the chromosomal genes of qrr1 and qrr4 (Fig.
3B) and tested the effect of QrrA or QrrA* production on the stability of both sRNAs. In both cases,
the point mutations rendered Qrr1 and Qrr4 resistant to QrrA over-expression, whereas QrrA*
effectively reduced their stabilities (Figs. 3C and S3G). In summary, we conclude that QrrA basepairs with all four Qrr sRNAs and that this interaction results in degradation of the RNA-duplex.

RNase E is the main ribonuclease required for turn-over of the QrrA-Qrr4 RNA duplex
To further characterize the interaction between QrrA and Qrr1-4, we next aimed to identify the
ribonucleases involved in degradation of the RNA duplex. To this end, we focused on RNase E
(encode by rne) and RNase G (encode by rng), two partially redundant endoribonucleases with
documented roles in sRNA-mediated mRNA degradation23. Of note, RNase E is an essential
enzyme, however, can be studied in V. cholerae using a temperature-sensitive mutant24. Therefore,
using Northern blot analysis, we compared the abundance of QrrA, Qrr1 and Qrr4 in wild-type,
rng, rneTS, and rng /rneTS cells at permissive (30°C) and non-permissive (44°C) temperatures.
For QrrA we discovered that non-permissive temperatures resulted in slightly increased sRNA
abundance (Fig. 4A, lanes 1-2), which was further increased in the absence of RNase G (lanes 34) or RNase E (lanes 5-6). Interestingly, absence of both ribonucleases had an additive effect on
QrrA levels (lanes 7-8). For Qrr1 and Qrr4, cultivation of V. cholerae at non-permissive
temperatures resulted in reduced sRNA levels, which were mildly increased in rneTS cells, but
remained unaffected in cells lacking RNase G (Fig. 4A).
To determine the contribution of RNase G and RNase E to QrrA-mediated turn-over of the
Qrr sRNAs, we determined Qrr4 stability in wild-type, rng, rneTS, and rng /rneTS cells at non220

permissive temperatures. In accordance with our previous results (Fig. 4A), lack of RNase G had
only a moderate effect on Qrr4 stability (Fig. 4B; t1/2=4 min vs. 2 min), whereas deactivation of
RNase E (either alone or in combination with rng) fully restored Qrr4 stability (Figs. 4C and S4;
t1/2>32 min). We therefore conclude that RNase E is the key ribonuclease involved in the
degradation of the QrrA-Qrr4 RNA duplex.

Expression of qrrA is activated by an uncharacterized LysR-type transcription factor
The qrrA gene is located in the intergenic region between the vca0830 and vca0832 genes on the
second chromosome of V. cholerae (Fig. 5A) and this organization is shared among several Vibrio
species (Fig. S5A). Conservation analysis indicated that not only the qrrA gene is conserved, but
also a potential promoter element located between base-pairs 36-74 upstream of the qrrA
transcriptional start site (Fig. 2B). However, a transcriptional regulator recognizing this promoter
and driving qrrA expression was unknown. To address this question, we generated a transcriptional
fusion of qrrA promoter to mKate2 and tested fluorescence in V. cholerae and E. coli cells. We
discovered that mKate2 levels were ~11-fold higher in V. cholerae cells when compared to E. coli
(Fig. S5B) indicating that qrrA expression is controlled by a Vibrio-specific regulator. We
harnessed this observation to perform a genetic screen in which we co-transformed a plasmid-based
library carrying random DNA fragments of the V. cholerae genome into E. coli cells carrying a
qrrA::lacZ reporter and screened for blue colonies (Fig. S5C). Among the ~65.000 tested colonies,
we isolated 21 candidates displaying a dark blue color and sequencing revealed that all 21
candidates contained the gene encoding the LysR transcriptional regulator Vca0830. We validated
Vca0830-dependent activation of the qrrA promoter in V. cholerae using the qrrA:mKate2
transcriptional reporter (Fig. S5D) and in accordance with the previous nomenclature named this
regulator QrrT (QrrA Transcriptional activator). Of note, the qrrT gene is located immediately
upstream of qrrA (Figs. 5A and S5A), suggesting that the two genes are phylogenetically and
functionally linked.
To study the role of QrrT on qrrA expression, we deleted the qrrT gene in V. cholerae and
performed Northern blot analysis to quantify QrrA and Qrr1-4 levels. When compared to wild-type
cells, lack of qrrT strongly reduced QrrA expression at all stages of growth with residual levels
detected in late exponential phase (OD600=1.0) and late stationary phase (3h after cells reached an
OD600 of 2.0) (Fig. 5B, lanes 1-10). In accordance with our previous data obtained in qrrA cells
(Fig. S2C), deletion of qrrT also resulted in elevated levels of the Qrr1-4 sRNAs. Plasmid-borne
221

complementation of the qrrT mutant restored QrrA and Qrr1-4 production in V. cholerae (Fig.
5B, lanes 11-15), however, this effect was less pronounced in stationary phase growth conditions
(OD600=2.0; lane 14). We do not think that this phenotype is due to altered turn-over of the QrrAQrr1-4 RNA duplex under these conditions given that QrrA stability was highly similar in
exponential and stationary phase cells (Fig. S5E). In addition, using Western blot analysis of a
chromosomally tagged QrrT::3XFLAG strain, we discovered that QrrT protein is produced at all
stages of growth (Fig. S5F), indicating that reduced QrrA levels in stationary phase cells might
result from changes in the activity of the QrrT transcription factor.
To clarify the role of QrrT in qrrA transcription, we next compared the activity of qrrA:mKate2
transcriptional reporter in V. cholerae wild-type and qrrT cells. As expected, qrrT deficiency
reduced mKate2 production (Fig. 5C; ~3.5-fold). We also tested the impact of two conserved qrrA
promoter elements (sequences P1 and P2, see Fig. S5G) on the performance of this reporter. In both
cases, deletion of the respective sequences almost fully abrogated qrrA:mKate2 activity (Fig. 5C),
indicating that these promoter sequences are required for the interaction with QrrT. Indeed, we
confirmed direct binding of QrrT to the qrrA promoter by immunoprecipitation of chromosomallyproduced QrrT::3XFLAG protein followed by quantitative PCR of the co-purified DNA (Fig. 5D).
When compared to a non-tagged wild-type control, co-immunoprecipitation of QrrT::3XFLAG
revealed a ~8-fold enrichment of a DNA sequence corresponding to the qrrA promoter. In contrast,
we observed no enrichment of the vqmR promoter sequence, which we used as a negative control
in these experiments. Taken together, transcription of qrrA is controlled by QrrT, a novel LysR
transcription factor which binds to and activates the qrrA promoter.

QrrA modulates quorum sensing dynamics 
QS is known to have a global impact on gene expression in V. cholerae and to modulate several
important collective functions2. Two transcriptional regulators, called AphA and HapR, are key for
many of these functions and both are controlled by the Qrr1-4 sRNAs7. Therefore, we asked if by
regulating Qrr1-4 sRNAs, QrrA also affects AphA and HapR levels in V. cholerae. To this end, we
cultivated V. cholerae wild-type, qrrA, and qrr1-4 from low to high cell densities and monitored
AphA and HapR protein levels (using 3XFLAG tagged chromosomal variants) by quantitative
Western blot. We discovered that lack of qrrA resulted in mildly increased AphA production in
cells cultivated to late exponential and stationary phase (Fig. 6A, lanes 1-8). In contrast, HapR
levels were decreased in qrrA cells under the same growth conditions (Fig. 6B, lanes 1-8). As
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expected, cells lacking theqrr1-4 displayed the inverse phenotype showing low AphA and high
HapR levels (Figs. 6A and B, lanes 9-12). We were able to confirm this regulatory pattern in cells
lacking qrrT or qrrT and qrrA (Fig. 6C), supporting our previous results indicating that QrrT
activates transcription at the qrrA promoter (Fig. 5).
Light production, i.e. bioluminescence, is a hallmark of many Vibrios and has been
instrumental to decipher the genetic components underlying QS in these organisms25. Although V.
cholerae lacks the ability to produce light, plasmid-borne introduction of the luxCDABE operon
from Vibrio harveyi establishes cell density-dependent bioluminescence in V. cholerae and can be
employed to monitor QS dynamics26. Therefore, to test if QrrA affects QS dynamics in V. cholerae,
we compared light production of wild-type and qrrA cells carrying the luxCDABE operon over
10h of cultivation. We also included the qrr1-4 mutant in this experiment, which has previously
been documented to produce elevated levels of light under all growth conditions4 and thus served
as a positive control. In wild-type and qrrA cells, light production decreased immediately after
dilution from stationary phase, whereas bioluminescence remained high in cells lacking qrr1-4
(Fig. 6D). Light production increased sharply with continued growth, yet, wild-type and qrrA
cells displayed strikingly different bioluminescence kinetics during this transition. Whereas wildtype cells quickly reached maximal light production, lack of qrrA resulted delayed and overall
reduced bioluminescence (Fig. 6D). This phenotype is in accordance with the changes in AphA
and HapR levels observed in qrrA cells (Figs. 6A-B) given that HapR activates the luxCDABE
operon and that AphA inhibits HapR production7,26.

Regulation of biofilm formation by QrrA
In addition to bioluminescence, QS controls various other complex behaviors in Vibrios, including
biofilm formation2,27. In V. cholerae, AphA has been reported to induce the synthesis of VpsT,
which in turn activates the production of several structural biofilm components such as the biofilm
matrix genes28,29. In contrast, HapR inhibits the vpsT gene and thus is a negative regulator of biofilm
formation30. Given that our previous results indicated differential expression of AphA and HapR in
cells lacking qrrA (Figs. 6A and B), we speculated that QrrA might also affect biofilm formation
in V. cholerae. To address this question, we measured biofilm formation of wild-type and qrrA
cells in microfluidic chambers using confocal microscopy. Indeed, after 48h of incubation, biofilm
thickness of the qrrA mutant was significantly increased when compared to the wild-type strain
(Figs. 6E and 6F). Conversely, QrrA over-expression inhibited biofilm formation (Figs. S6A and
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B), whereas over-expression of QrrA* M1, which is unable to inhibit the Qrr1-4 sRNAs (see Fig.
3A), failed to affect biofilm formation (Fig. S6C). Finally, when seeded at an initial ratio of 1:1,
cells lacking the qrrA gene outcompeted isogenic V. cholerae wild-type cells during biofilm
formation (Fig. S6D). Taken together, our data indicate that QrrA controls QS-controlled
phenotypes, such as bioluminescence and biofilm formation, by base-pairing to and inhibiting the
Qrr1-4 sRNAs.
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Discussion
A hallmark of nearly all QS systems is that they allow single-celled organisms to act in unison31.
This remarkable feature of QS is key to many important collective microbial behaviors, e.g. biofilm
formation and virulence, and requires tight coordination of signaling events and robust gene
regulation control. Vibrio species, including V. cholerae, have been intensively studied for their QS
architectures providing arguably one of the most thoroughly documented signaling pathways in all
bacteria32. In this study, we have identified a hitherto unknown component of V. cholerae’s QS
architecture, which is the QrrA sponge RNA (Fig. 7).
Sponge RNAs (a.k.a. decoy RNAs), i.e. RNA molecules that base-pair with and sequester
other RNA regulators, are have been documented in various biological systems not just limited to
Hfq-binding sRNAs. For example, sponge RNAs also occur for sRNAs that act together with the
RNA chaperone ProQ33, as well as RNA-based regulators in eukaryotes, such as microRNAs34.
However, no sponge RNA has yet been implicated in QS regulation. This might come surprising
given that many QS systems rely on sRNAs to achieve optimal performance35 and that sponge
RNAs are effective inhibitors of sRNA activity18,36. Indeed, the QrrA sponge RNA solves a longstanding conundrum in the V. cholerae QS pathway, i.e. how does V. cholerae manage to transition
rapidly from low to high cell density behavior despite the relatively long half-life of the Qrr1-4
sRNAs4,5? The QrrA sponge provides a simple, yet elegant answer to this question as it is able to
act specifically on the Qrr1-4 sRNAs by targeting their conserved base-pairing domain (Fig. 3B).
Intriguingly, in the related Vibrio harveyi species, which lack the qrrA gene, a different solution to
the same problem has been reported: here, QS dynamics depend on base-pairing of the Qrr1-5
sRNAs with certain target mRNAs (i.e. luxM and aphA) resulting in destabilization of the sRNAs
and transition into high cell density behavior21. It is currently unknown why these two parallel
mechanisms exist, however, we speculate that QrrA could provide a more coordinated QS transition
as the sponge RNA itself is not translated and does not interact with other transcripts (Fig. 2A). In
addition, transcriptional regulation of qrrA by QrrT (Fig. 5) provides an additional layer of control
that is missing in V. harveyi and related organisms that do not produce QrrA.
QrrT belongs to the large class of LysR-type transcriptional regulators, which can be
activators or repressors37. Structurally, this class of proteins is characterized by an DNA-binding
helix-turn-helix motif at their N-terminus and a C-terminal co-inducer-binding domain.
Transcription control by LysR-type regulators typically involves recognition of dyadic, often
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imperfect promoter motifs that guide DNA binding and indeed we identified two conserved
sequence elements in the qrrA promoter and both are necessary for transcriptional activation (Fig.
5C). DNA-binding is further controlled by co-factor interaction, however, only relatively few cofactors are known and those that have been identified are chemically highly diverse37. We
hypothesize that QrrT activity also relies co-factor binding given that QrrT production is constant
under all tested conditions (Fig. S5F), whereas QrrA levels are differentially controlled throughout
growth (Fig. 2B). We currently do not know which molecule(s) interact with QrrT, however, based
on previous transcriptome analyses we can exclude activation by one of the known V. cholerae
autoinducer molecules (i.e. AI-2, CAI-1, and DPO)15. Identifying the chemical signal(s) controlling
QrrT activity will provide important insights into the physiological and molecular principles that
govern QS in V. cholerae and we aim to address this question in a follow-up study.
In addition to RNA-duplex formation between QrrA and Qrr1-4, our study also revealed
hundreds of candidate sRNA-target interactions and we have directly validated 52 previously
unknown interactions (Fig. 1C). Several of these interactions predict interesting new biology. For
example, we discovered that all four Qrr sRNAs inhibit the cyaA mRNA encoding adenylate
cyclase (Figs. 1C and S1A), which catalyzes the synthesis of cyclic AMP (cAMP). cAMP is an
important signaling molecule in nearly all bacteria38 and in V. cholerae cAMP controls the
production of the CAI-1 autoinducer39. Thus, our data indicate the existence of a novel feedback
loop that inhibits premature CAI-1 synthesis by the Qrr1-4 sRNAs. Similarly, our data suggest that
Spot 42 activates the production of ZapA (Figs. 1C and S1B), a protein which binds to FtsZ and
supports cell division40. Given that Spot 42 is specifically expressed under high glucose
concentrations41, one can speculate that activation of zapA by Spot 42 facilitates cell replication
when nutrients are plentiful. Of note, our data do not only provide new hypotheses for previously
established sRNA regulators (e.g. Qrr1-4 and Spot 42), but also help to predict the biological
functions of so far uncharacterized regulators. For instance, three of the four validated targets of
the Vcr043 sRNA, i.e. grxA, vc0036, and sdhC (Figs. 1C and S1G), have documented roles in
electron transport, suggesting that the sRNA could participate in this process as well. The web
interface (http://rnaseqtools.vmguest.uni-jena.de/) provided together with this article provides a
comprehensive view on all identified interactions including a functional characterization of
candidate target mRNAs. Thus, the tool offers a quick and efficient mean to generate novel
hypothesis involving sRNA-mediated gene control in V. cholerae and can further be extended to
include additional organisms for which RIL-seq (or similar) datasets are available. In summary,
our study offers new opportunities for hypothesis-driven research approaches focusing on RNA226

based gene expression control in V. cholerae including many uncharacterized sRNAs and
regulatory interactions.

METHODS
Bacterial strains and growth conditions
All strains used in this study are listed in Supplementary Table S4. V. cholerae and E. coli strains
were cultivated under aerobic conditions in LB medium at 37°C, unless stated otherwise. Where
appropriate, antibiotics were used at the following concentrations: 100 µg/ml ampicillin, 20 µg/ml
chloramphenicol, 50 µg/ml kanamycin, 50 U/ml polymyxin B, 5,000 µg/ml streptomycin, 20 µg/ml
gentamycin, and 5 µg/ml tetracycline.

RIL-seq experiments
V. cholerae wild-type and hfq::3XFLAG strains were cultivated in duplicates in LB medium to low
(OD600 of 0.2) and high cell densities (OD600 of 2.0). The experimental part of the RIL-seq
protocol was carried out as described by Melamed et al.42. Briefly, cells corresponding to 40 OD600
units were subjected to protein-RNA cross-linking, cell lysis and co-immunoprecipitation using
anti-FLAG-antibody (Sigma; F1804). Subsequently, the co-immunoprecipitated RNA was treated
with RNase A/T1 and T4 RNA ligase. Samples were subjected to proteinase K digestion, and RNA
was extracted. RNA was then fragmented and treated with TURBO DNase. Ribosomal RNA was
depleted and cDNA libraries were prepared. cDNA libraries were sequenced in paired-end mode
on a HiSeq 2500 system (Illumina).

RIL-seq computational analysis
De-multiplexed raw sequencing reads were checked for quality using fastP43 and polyX tails,
regions of low complexity as well as low quality tails were removed. The remaining reads were
mapped to the V. cholerae reference genome (NCBI accession numbers NC_002505.1 and
NC_002506.1), using bwa-mem244 with default values for the affine gap model. A minimum score
of 20 was set to adjust to the read length of 45 respective 36 without barcodes and the reads were
mapped in paired-end mode.
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The alignments resulting from the paired-end mapping were assigned to the annotations of the V.
cholerae reference genome, including annotations for Vcr001-Vcr10745 and Vcr200-Vcr23019 and
predicted 5’UTRs and 3’ UTRs, and then grouped and sorted according to the position on the read
they originate from. Then, every group of alignments was classified to be chimeric or not by
checking if at least two of them were at least 1000 nt apart from each other while not sharing the
same annotation. Every pair of chimeric alignments was then counted as an interaction between the
annotations they belong to. Replicates were pooled together, noting each replicates contribution to
the pooled sum. After processing all alignments, the resulting interactions were assigned a p-value
by testing for the significance of the interaction between two annotations against the background
of all other interactions using the right tailed Fisher’s exact test. The p-values were corrected using
the method of Benjamini-Hochberg46. The interactions were then filtered by their number and their
statistical significance using a cut-off of 20 reads per interaction and a false discovery rate of 0.05.

Annotation of 5’UTRs and 3’UTRs
To predict transcriptional start and termination sites, we used the data from a dRNA-seq experiment
in two conditions (LCD and HCD)45,47 and from a term-seq experiment24,48. Raw reads were
checked for quality using fastP43, and polyX tails, regions of low complexity as well as low quality
tails were removed. The remaining reads were mapped to the V. cholerae reference genome (NCBI
accession numbers NC_002505.1 and NC_002506.1), using bwa-mem244 with default values for
the affine gap score model. Coverage for every library was computed by counting for every position
in the genome, how many alignments were overlapping with it followed by normalization (TPM).
The coverage was transformed by computing the difference between every neighboring position
and then summing up those differences in a sliding window, assigning the sum to the position with
largest difference in the window, thus assigning the height of a plateau above background to the
position with steepest increase. The resulting positions and values were checked for their increase
above background and absolute height and in case of the dRNA-seq data, a relative increase in the
TEX-treated samples. We set a cut-off of 1.3 for the ratio towards background, 3 TPM for absolute
value and 1.3 for enrichment in the TEX-treated samples.
To use the resulting predictions for transcriptional start and termination sites to define 3’UTRs and
5’UTRs, we first used a heuristic to lower the search space. Between every two genes, the 3’UTR
and 5’UTR was set to be at maximum 250 nt long, shortening both uniformly if they were
overlapping, not allowing shorter UTRs than 25 nt. In the resulting windows, the positions for start
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or termination sites were queried respectively and the position corresponding to the largest value
was chosen to determine the beginning of a 5’UTR or the end of a 3’UTR.

Fluorescence measurements
For RIL-seq target validation GFP fluorescence measurements were performed as described
previously49 with E. coli Top10 cells cultivated overnight in LB medium. To measure qrrA
promotor activity, V. cholerae and E. coli Top10 cells carrying an mKate2 transcriptional reporter
were cultivated in LB medium and samples were collected at the desired growth phase. For all
fluorescence measurements, three independent biological replicates were used for each strain. Cells
were resuspended in PBS and relative fluorescence was determined using a Spark 10 M plate reader
(Tecan). Control samples not expressing fluorescent proteins were used to subtract background
fluorescence.

RNA isolation and Northern blot analysis
Total RNA was extracted and prepared as described previously50. For Northern blot analysis, RNA
samples were separated on 6% polyacrylamide / 7M urea gels and transferred to Hybond-XL
membranes (GE Healthcare). Membranes were hybridized in Roti-Hybri-Quick buffer (Roth) at
42°C with [32P] end-labeled DNA oligonucleotides. Oligonucleotides used for probing are listed in
Supplementary Table S5. Membranes were washed in three subsequent steps with SSC (5x, 1x,
0.5x) / 0.1% SDS wash buffer. Signals were visualized on a Amersham Typhoon phosphorimager
(GE Healthcare) and quantified with GelQuant software (BiochemLabSolutions).

RNA stability experiments
To monitor RNA stability upon induction of QrrA, Qrr1, Qrr2, Qrr3 or Qrr4 cells were cultivated
to the desired growth phase, expression of the respective sRNA was induced with L-arabinose (final
concentration: 0.2%) from an arabinose-inducible promotor, and rifampicin (final concentration:
250 µg/ml) was added to stop transcription. RNA samples were collected before and after induction
and 2, 4, 8, 16 and 32 minutes after addition of rifampicin. Northern blot analysis with
oligonucleotides specific for each sRNA was used to determine RNA levels.
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ChIP and quantitative PCR
V. cholerae wild-type and qrrT::3XFLAG strains were cultivated to OD600 = 1.0. ChIP
experiments were performed as described in Haycocks et al.51, with slight modifications. Briefly,
cells were subjected to cross-linking with formaldehyde (1% final conc.) and lysed with FA lysis
buffer (50 mM Hepes-KOH pH=7, 150 mM NaCl, 1 mM EDTA, 1% Triton X-100, 0.1% Sodium
deoxycholate, 0.1% SDS), containing 4 mg/ml lysozyme. Cross-linked lysates were then subjected
to sonication (2x 30’ pulses), followed by immunoprecipitation with Protein A Sepharose beads
(Sigma, #IP02) and anti-FLAG antibody (Sigma, #F3165) for 90 min. After stringent washing with
ChIP wash buffer (10 mM Tris-HCl pH=8, 250 mM LiCl, 1 mM EDTA, 0.5% Nonidet-P40, 0.5%
Sodium Deoxylate), samples were eluted in ChIP elution buffer (50 mM Tris-HCl pH=7.5, 10 mM
EDTA, 1% SDS) and boiled for 10 min to de-cross-link DNA-protein complexes. DNA was
purified by phenol-based extraction and quantitative PCR (qPCR) was performed using GoTaq
qPCR Master Mix (Promega, #A6002) and the CFX96 Real-Time PCR System (Bio-Rad). recA
was used as reference gene. Oligonucleotides used for qPCR are listed in Table S5.

Western blot analysis
Western blot analysis of FLAG-tagged proteins was carried out as described previously14. In brief,
samples were separated using SDS-PAGE and subsequently transferred to PVDF membranes. AntiFLAG antibody (Sigma; F1804) was used for detection. RNAP served as loading control and was
detected using anti-RNAP antibody (BioLegend; WP003). Signals were visualized on a Fusion FX
EDGE imager (Vilber) and quantified with BIO-1D software (Vilber).

Bioluminescence assay
V. cholerae cells harboring plasmid pBB126, which carries the V. harveyi luxCDABE operon, were
cultivated overnight in SOC broth52 supplemented with tetracycline, and subsequently diluted
1:1000 into fresh medium. Light production was then measured at the indicated time-points during
growth of the diluted cultures using a Spark 10 M plate reader (Tecan). Three independent
biological replicates were used for each strain.

Microfluidic assembly
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Microfluidic devices were cast in Poly-dimethylsiloxane (PDMS) using soft lithography
techniques53,54. Each device was bonded to a #1.5 glass coverslip (30mm width by 60mm length)
via plasma cleaning and heat treatment at 95C for 10 min. Each device contained 4 chambers
with dimensions 3000μm x 500μm x 75μm (LxWxD). Media was placed into 1mL BD plastic
syringes with 25 gauge needles. These needles were then affixed to #30 Cole Palmer PTFE tubing
with an inner diameter of 0.3 mm. This tubing was then placed into holes on the device
corresponding to each chamber. The syringes were loaded into a Pico Plus Syringe Pump (Harvard
Apparatus). Each device also contains vacuum lines that were installed with an additional piece of
PTFE tubing.

Biofilm assay
Strains were grown overnight at 37°C shaking in Lysogeny broth medium. Cultures of each strain
were then diluted in M9 minimal media with 0.5% glucose and regrown to mid exponential phase
(OD600 = 1.0). Once sufficient optical density was reached, the cultures were inoculated into the
chambers of the microfluidic device and left to colonize the surface for 1h. After this colonization
period, a flow rate of 0.1μL/min was established for the remainder of the experiment. For the
competition assay, mid exponential phase cultures of each strain were mixed at varying proportions
to a total volume of 1mL. All biofilm experiments were run at room temperature (24°C). Individual
strain biofilms were imaged at 48 hours and competition assays were imaged every 24 hours.

Microscopy and image analysis
Biofilm imaging was done using a Zeiss LSM 880 laser scanning confocal microscope fitted with
a 40x/1.2 N.A. water immersion objective. A 488nm laser line was used to excite sfGFP producing
strains and a 594nm laser was used for the mRuby3 producing strains. Replicate images of each
biofilm were taken from independent locations from microfluidic devices inoculated with separate
identical cultures. Microscope hardware was run via Zeiss Zen Black software. The 3D confocal
image data collected from these replicates was then analyzed using the image analysis framework
BiofilmQ55. Briefly, confocal image data were processed for segmentation and partitioned into a
cubic grid with each cube side approximately 1 cell in length (2μm). Frequency diagrams were
generated by using the local thickness parameter. 3D renderings of the biofilms were created using
Paraview software utilizing OptiX pathtracer raycasting.
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Data availability
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Visualization with RILSeqExplorer: https://github.com/maltesie/RNASeqViz
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Figure 1: RIL-seq analysis of Hfq in V. cholerae
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(A and B) Circos plots visualizing Hfq-mediated RNA-RNA interactions. V. cholerae
hfq::3XFLAG cells were cultivated to low (OD600 of 0.2) (A) and high cell densities (OD600 of
2.0) (B) and subjected to RIL-seq analysis. Top 500 significant chimeras are shown. The first and
the second chromosome are marked in dark and light green, respectively. Circos plots were
generated using the circos component of the Dash Bio package.
(C) Validation of sRNA-mRNA interactions predicted by RIL-seq. Translational GFP reporter
fusions were co-transformed with a constitutive sRNA expression plasmid or an empty control
plasmid in E. coli Top10 cells. GFP production was measured and fluorophore levels from the
control strains were set to 1. Error bars indicate SD of three independent biological replicates.
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Figure 2: Identification of QrrA
(A) Interaction partners of QrrA. Circos plot visualizing interaction partners of QrrA identified
by RIL-seq (cutoff ≥ 20 chimeras). The first and the second chromosome are marked in dark and
light green, respectively. Circos plot was generated using the circos component of the Dash Bio
package.
(B) Alignment of qrrA sequences from various Vibrio species. The qrrA sequences including
the promotor regions were aligned using the Multalin tool56. The predicted base-pairing region
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and the Rho-independent terminator are indicated. Numbers above the sequences indicate the
distance to the transcriptional start site. Vch, Vibrio cholerae; Vme, Vibrio metoecus, Vmi, Vibrio
mimicus; Vfu, Vibrio funissii; Vfl, Vibrio fluvialis; Vae, Vibrio aestuarianus; V.an, Vibrio
anguillarum, Vqi, Vibrio qinghaiensis.
(C) Expression of QrrA. V. cholerae wild-type cells were cultivated in LB medium and RNA
samples were collected at various stages of growth. Northern blot analysis using specific
oligonucleotide probes was performed to determine QrrA, Qrr1, Qrr2, Qrr3 and Qrr4 levels.
Probing for 5S ribosomal RNA served as loading control.

241

Figure 3: QrrA base-pairs with and destabilizes the Qrr1-4 sRNAs
(A) Stability of Qrr1-4 upon induction of QrrA. V. cholerae wild-type cells harboring either
pBAD-qrrA, pBAD-qrrA* (M1) or an empty control plasmid (pBAD-ctr) were cultivated in LB
medium to OD600 of 0.2. Expression of QrrA or QrrA* (M1) was induced with L-arabinose and
rifampicin was added to monitor RNA stability. Northern blot analysis shows QrrA/QrrA* and
Qrr1-4 levels at the indicated time points. 5S ribosomal RNA was used as loading control.
(B) Predicted base-pairing interactions between QrrA and Qrr1-4. The sequence that is
identical in Qrr1-4 is marked in yellow. Arrows indicate the point mutations in QrrA, Qrr1 and
242

Qrr4 tested in Fig. 3A+C and Fig. S3G. RNAhybrid (Bielefeld BioInformatics Service)57 was
used for prediction.
(C) Stability of Qrr4* (M1) upon induction of QrrA. V. cholerae cells with a chromosomal
point mutation in the qrr4 gene (M1) harboring either pBAD-qrrA, pBAD-qrrA* (M1) or an
empty control plasmid (pBAD-ctr) were cultivated in LB medium to OD600 of 0.2. Expression of
QrrA or QrrA* was induced with L-arabinose and rifampicin was added to monitor RNA
stability. Northern blot analysis shows QrrA/QrrA*, Qrr1 and Qrr4* levels at the indicated time
points. 5S ribosomal RNA was used as loading control.
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Figure 4: Role of ribonucleases for the QrrA - Qrr1-4 interactions
(A) Influence of RNase E and RNase G on QrrA levels. V. cholerae wild-type, ∆rng, RNase E
temperature sensitive (rneTS), and ∆rng rneTS cells were cultivated at 30°C to OD600 of 1.0, split
in half and either kept at 30°C or shifted to 44°C for 60 min. RNA samples were collected and
analyzed for QrrA, Qrr1 and Qrr4 levels by Northern blotting. 5S ribosomal RNA was used as
loading control.
(B and C) Influence of RNase E and RNase G on the stability of the QrrA-Qrr4 duplex. V.
cholerae wild-type, ∆rng (B) and rneTS (C) cells carrying either pBAD-ctr or pBAD-qrrA were
cultivated at 30°C to OD600 of 0.2 and then shifted to 44°C. After 15 min, expression of QrrA was
induced with L-arabinose and rifampicin was added to monitor RNA stability. Northern blot
analysis shows QrrA and Qrr4 levels at the indicated time points. 5S ribosomal RNA was used as
loading control.
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Figure 5: Transcriptional regulation of QrrA
(A) Schematic representation of the genomic context of qrrA. The qrrA gene is marked in green.
The vca0830 gene encodes a LysR-type transcription factor (QrrT).
(B) Role of QrrT for QrrA levels. V. cholerae wild-type and ∆qrrT cells harboring either an empty
control vector or a qrrT overexpression plasmid (p-qrrT) were cultivated in LB medium and RNA
samples were collected at different stages of growth. Northern blot analysis was performed to
determine QrrA and Qrr1-4 levels. 5S ribosomal RNA served as loading control.
(C) Regulation of the qrrA promotor. V. cholerae wild-type and ∆qrrT cells carrying an mKate2based transcriptional reporter for qrrA (PqrrA::mKate2) or a mutated version (PqrrA::mKate2 ∆P1
245

or PqrrA::mKate2 ∆P2, see Fig. S5G) were cultivated in LB medium to OD600 of 1.0 and analyzed
for fluorescence. Error bars represent SD of three independent biological replicates.
(D) ChIP analysis of QrrT. V. cholerae wild-type and qrrT::3XFLAG cells were cultivated to
OD600 of 1.0 and subjected to chromatin immunoprecipitation (ChIP). Bar graphs show relative
levels of the qrrA and the vqmR promotors (PqrrA and PvqmR), determined by quantitative PCR.
Error bars represent SD of three independent biological replicates.

Figure 6: Physiological consequences of QrrA-mediated gene regulation
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(A and B) Influence of QrrA on AphA and HapR. V. cholerae wild-type, ∆qrrA and ∆qrr1-4
cells carrying a chromosomal 3XFLAG-tag at the aphA (A) or hapR (B) gene were cultivated in
LB medium, and protein and RNA samples were collected at various stages of growth. Western
blot analysis was performed to monitor AphA (A) and HapR (B) protein levels, Northern blot
analysis was carried out to determine QrrA and Qrr4 levels. RNAP and 5S ribosomal RNA served
as loading controls for Western and Northern blots, respectively.
(C) Influence of QrrA and QrrT on HapR and AphA. Quantification of HapR-/AphA3XFLAG protein levels in V. cholerae wild-type, ∆qrrA, ∆qrrT and ∆qrrA∆qrrT cells carrying a
chromosomal 3XFLAG tag at the hapR or aphA gene, respectively. Total protein samples of the
indicated strains were harvested (OD600 of 1.0) and tested by Western blot analysis. HapR/AphA-3XFLAG protein levels detected in the wild-type cells were set to 100%. Error bars
represent SD of three biological independent replicates. Statistical significance was determined
using one-way ANOVA and posthoc Holm-Sidak test. Samples of the three biologically
independent replicates were processed in parallel.
(D) QrrA modulates quorum sensing dynamics. V. cholerae wild-type, ∆qrrA and ∆qrr1-4
cells carrying a quorum sensing dependent reporter for bioluminescence were cultivated in SOC
medium, and luminescence was measured at the indicated time-points. Error bars represent SD of
three independent biological replicates.
(E and F) Influence of QrrA on biofilm accumulation. Biofilms of V. cholerae wild-type (E)
and ∆qrrA (F) strains were grown for 48h and imaged through their whole depth by confocal
microscopy. 3D renderings of representative images are color-coded by local thickness. Bar
graphs show frequency distributions of local height for each biofilm.
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Figure 7: Regulatory model for QS-mediated gene expression control in V. cholerae.
The QS-specific receptors CqsS and LuxPQ respond to external autoinducer molecules, which in
turn modulates the phosphorylation status of the LuxO transcription factor via the LuxU
phosphorelay protein. At low cell densities (LCD), phosphorylated LuxO activates Qrr1-4
expression, which inhibit the hapR, whereas Qrr2-4 activate AphA expression. In addition, Qrr14 also reduce the luxO translation. When transitioning from low to high cell density (HCD), the
LysR-type transcription factor induces the transcription of the QrrA sponge RNA. Together with
Hfq, QrrA binds to and inhibits the Qrr1-4 sRNAs and facilitates RNase E-mediated decay.
Thereby, QrrA accelerates QS dynamics in V. cholerae.
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